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Introduction

We live in a dynamic and demanding world where society heavily relies on fossil
feedstocks. With the global population steadily increasing, the demand for energy
continues to rise, but these resources are rapidly depleting. It is estimated that by 2060,
all fossil feedstocks will be exhausted if current consumption patterns persist. Therefore,
exploring sustainable alternatives and innovative approaches is crucial to meet the needs
of the society and sustain our way of life. One promising strategy to reduce our reliance
on fossil resources is transitioning to plant-based feedstocks and harnessing the potential
of lignin — the nature’s primary source of aromatic chemistry. However, lignin presents a
formidable challenge as a biopolymer due to its complex structure and rigid nature.
To unlock its potential value, it is essential to improve its utilization efficiency by breaking
it down into lower molecular weight fragments. Lignin depolymerization can be achieved
by various lignin-degrading enzymes, serving as promising tools. Finding novel efficient
enzymes for this purpose is of outmost importance. The Laboratory of Wood Chemistry
is committed to the study of lignin and lignin-degrading enzymes. Our research
predominately focuses on metalloenzymes sourced from soil bacteria, as well as those
derived from microorganisms thriving in extreme conditions.

My research focuses on peroxidases, particularly on a subset known as dye-decolorizing
peroxidases (DyPs). Although DyPs share many similarities with classic peroxidases, they
also exhibit distinct features that set them apart. One notable aspect of DyPs is their
demonstrated activity on lignin, representing an area of keen interest for our laboratory.
This thesis aims to (i) explore novel enzymes with lignin-degrading activity, (ii) explain
the complex non-Michaelis-Menten kinetics of DyPs, and (iii) investigate the relationship
between the degree of oligomerization and catalytic activity.



Abbreviations

ABTS 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid)
APX ascorbate peroxidase

AQ anthraquinone

Cpd | compound |

Cpd Il compound Il

Cpd Il compound IlI

CcP cytochrome c peroxidase
2,6-DMP 2,6-dimethoxyphenol

DLS dynamic light scattering

DyP dye-decolorizing peroxidase

Eo total concentration of the enzyme
G guaiacyl

GC-MS gas chromatography-mass spectrometry
GPC gel permeation chromatography
h Hill coefficient

H 4-hydroxyphenyl

HDO high degree of oligomerization
HRP horseradish peroxidase

Kcat catalytic constant

keat/Km catalytic efficiency

Ki inhibition constant

Kwm Michaelis constant

LCB lignocellulosic biomass

LiP lignin peroxidase

LDO low degree of oligomerization
LMW low molecular weight

LRET long-range electron transfer

MM Michaelis-Menten

MnP manganese peroxidase

Mw weight-average molecular weight
Mxg Miscanthus x giganteus

NaAc sodium acetate

RB4 Reactive Blue 4

RB5 Reactive Black 5

RB19 Reactive Blue 19

Rz Reinheitszahl

S syringyl

[S] substrate concentration

ScDyP DyP from Streptomyces coelicolor
SEC size exclusion chromatography
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ThDyP DyP from Thermobifida halotolerans
v initial rate
Vimax maximal velocity
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1 Review of the literature

1.1 Lignocellulose

The plant cell wall contains lignocellulose, which is a network of three tightly
interconnected biopolymers: cellulose (40-60% in weight), hemicellulose (20-35%),
and lignin (15-40%) [1-3] (Figure 1). Cellulose and hemicelluloses are carbohydrate
macromolecules. Cellulose is a linear homopolymer composed of B-D-glucopyranose
molecules linked together by B-1,4-glycosidic bonds, whereas hemicelluloses are
heteropolymers that can contain different 5- and 6-carbon monosaccharide units [1, 4].
Cellulose and hemicelluloses serve as the primary structural components responsible for
the mechanical strength of the cell wall and for tethering cellulose microfibers,
respectively [5, 6]. Lignin, a phenolic biopolymer, is also an essential component of the
cell wall of vascular plants, contributing to their mechanical support, nutrient transport,
rigidity, hydrophobicity, and resistance to degradation [7]. Swiss botanist Augustin
Pyramus de Candolle, the first to introduce the term “lignin”, described it as the basis of
all woody organisms [8].
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Figure 1. The biopolymers present in lignocellulose. The plant cell wall is primarily composed of
cellulose, hemicelluloses, and lignin. Both cellulose and hemicelluloses are polysaccharides. Cellulose
is made up of glucose molecules linked by [3-1,4-glycosidic bonds. Hemicelluloses can consist of various
5- and 6-carbon monosaccharide units. An example shown here is xylan, a type of hemicellulose
primarily composed of xylose residues. Lignin is a complex phenolic polymer, consisting of different
units linked together by ether and carbon-carbon linkages. A hypothetical model of a lignin molecule
is shown here.

Chemically, lignin is the most complex constituent of lignocellulose, constructed from
three phenylpropanoid monomeric units: 4-hydroxyphenyl (H), guaiacyl (G), syringyl (S)
[9, 10]. These units are derived from respective monolignol precursors, namely
p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol, which differ from each other
by the lack of or the number of methoxy-groups attached to the benzene ring [9, 11]
(Figure 2). The composition of precursors in lignin, as well as the lignin content itself,
varies depending on the plant type [11]. Gymnosperm or softwood lignin primarily
consists of coniferyl units (G-type lignin), while angiosperm or hardwood lignin comprises
both coniferyl and sinapyl units (G/S-type lignin) [10-13]. Lignin from herbaceous
plants includes the aforementioned subunits as well as p-coumaryl units (G/S/H-type
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lignin) [11, 12]. These lignin units are predominately connected by ether and carbon-carbon
linkages: B-0-4, B-5, B-B, B-1, 5-5, and 4-0-5 bonds [13]. Interestingly, other types of
building blocks, such as flavonoids and hydroxystilbenes, have also been identified in the
structure of lignin [14, 15].

OH OH OH
[¢] (o] (0]
NcH,  He” ~
= = =
HO HO HO
p-coumaryl alcohol coniferyl alcohol sinapyl alcohol
O-R
aa"a'
4-hydroxyphenyl (H) gualacyl (G) syrmgyl

Figure 2. Monolignols and the structural units of lignin. Lignin biopolymer is derived from three
main monolignols, p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol and the resulting units
from monolignols are 4-hydroxyphenyl (H), guaiacyl (G), and syringyl (S).

1.1.1 Degradation in nature

Lignocellulose degradation is a fundamental aspect of the global carbon cycle.
In nature, the biodegradation of lignocellulose is made possible by the action of various
cooperating microorganisms which employ a rich collection of enzymes [16, 17]. Enzymes
involved in the process of the breakdown of biomass include laccases (EC 1.10.3.2),
carbohydrate-active enzymes (CAZymes), and various peroxidases (EC 1.11.1.x) [18, 19].
Several fungal organisms possess the capability to degrade wood, causing white-rot,
brown-rot, and soft-rot (named after the appearance of rotten wood) [20-22]. Fewer
organisms can degrade lignin compared to the number of organisms that are able to
degrade cellulose and hemicelluloses [16, 23]. Brown-rot fungi can metabolize
cellulose and hemicellulose but only partially degrade lignin, harnessing extracellular
non-enzymatic hydroxyl radicals via Fenton chemistry [22, 24, 25]. White-rot fungi,
which constitute over 90% of all known wood-rotting species, such as Trametes versicolor
[19, 20], are the most effective wood-decay fungi. They attack all compounds found in
woods, employing extracellular enzymes [20, 25, 26]. White-rot fungi are also the only
species known to mineralize lignin and other wood components to COzand H20, making
them the main means for lignin depolymerization in nature [19, 27]. Soft-rot fungi are
the least studied compared to brown-rot and white-rot fungi. They can degrade
polysaccharides, and some species are also capable of breaking down lignin, often
utilizing laccases in the process [21, 28, 29]. In addition to fungi, various species from
bacterial classes Actinomycetia, a-Proteobacteria, and y-Proteobacteria are involved in
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lignocellulose and lignin degradation; these are found in soil, termite guts, and
wood-boring insects [20, 27, 30]. Genuses Streptomyces and Rhodoccocus from
class Actinomycetia are examples of Gram-positive bacteria harnessing lignin degradation
abilities. For instance, Streptomyces viridosporus T7A has shown to degrade lignin as
well as carbohydrates from grass, softwood, and hardwood [30, 31]. Rhodococcus jostii
RHA1 can grow on wheat straw lignocellulose as a carbon source and break down lignin
[32, 33].

1.1.2 Lignin as a feedstock

Lignocellulosic biomass (LCB) is an abundantly available renewable and sustainable
material on Earth, representing a green carbon source. This characteristic renders LCB an
attractive alternative to fossil carbon resources to produce bio-based fuels, energy,
materials, and useful chemicals [3, 14, 34, 35]. Cellulose is already widely applied by
the pulp and paper industries as well as biorefineries to produce cellulosic biofuel
and bioproducts [14]. The lignin generated from these industrial activities is considered
an undesirable by-product and is predominately used for on-site heat and power
production, despite its potential as a feedstock [4, 14]. Annually, approximately
1.5-1.8 billion tons of technical lignin is produced [22], with only around 2% of lignin
leftovers being utilized for commercial products [4, 36]. With the global shift towards a
green economy, research into the utilization, conversion, and valorization of lignin is
increasingly being pursued.

Lignin is not only the rate-limiting component for lignocellulose deconstruction in
nature but also in industrial applications [3]. Lignin utilization is complicated due to
several factors, including its complex and heterogeneous structure and close interaction
with the carbohydrate components of the cell wall [12]. The chemical and physical
properties of lignin are influenced by the plant tissue, its botanical source, and the
methods (such as soda, sulfite, kraft, organosolv, hydrolysis) used for the extraction from
LCB [1, 13]. Some of the pulping methods result in lignin with extensively modified
structures, often involving rearrangements and modifications where ether linkages
are cleaved and replaced by recalcitrant condensed C-C linkages. This complicates
the depolymerization process, which is a crucial step in lignin applications [9].
Depolymerization can enhance the potential usage of lignin as the resulting fragments
contain more reactive sites compared to untreated technical lignin [11]. Therefore,
to enhance lignin utilization efficiency, it should be broken down into lower molecular
weight fragments [37].

In nature, a diverse array of microbes possesses the capability to attack, convert, and
degrade lignin [27]. Nature serves as a wellspring of inspiration for scientists and the
natural decomposers of lignin — microorganisms and their enzymes — are extensively
studied for the purpose of lignin depolymerization [37—-39]. Most of the enzymes studied,
such as laccases, manganese peroxidase (MnP, EC 1.11.1.13), and lignin peroxidase (LiP,
EC 1.11.1.14), come from white-rot fungi [40—45]. In comparison to chemical processing,
bioprocessing using microbes and enzymatic catalysis offers a cleaner and more efficient
approach for lignin depolymerization and conversion. While bacteria are not as effective
as fungi at degrading lignin, they exhibit greater environmental adaptability [39].
Compared to microbial degradation, enzymatic degradation of lignin in vitro can address
the drawback of long culture times [46]. However, despite the promise of utilizing
lignin-degrading or modifying enzymes for industrial applications, their use has remained
at a relatively low technology readiness level and novel, efficient enzymes are being

14



sought for this purpose. Ongoing research on these enzymes, such as peroxidases, aims
to assess their potential and address the challenges and barriers associated with scaling
up to industrial levels and achieving commercial viability [36].

1.2 Peroxidases

The first recorded observations of the colored products generated in reactions catalyzed
by peroxidases date back to the early 19" century and were described by Louis Antoine
Planche [47]. However, the German-Swiss chemist Christian Friedrich Schoénbein is
regarded as the discoverer of peroxidases. In 1863, he observed peroxidase activity while
treating a solution of guaiacol with extracts from plant and animal tissues and hydrogen
peroxide (known at that time as “oxygenated water”), resulting in a blue color change in
the solution [48-50]. Nonetheless, systematic research on peroxidases commenced with
the studies of Robert Chodat and Alexei Nikolaevich Bach in the early 20t century, who
investigated peroxidase from horseradish (Armoracia rusticana) [51]. Research on
peroxidases was primarily focused on horseradish peroxidase (HRP, EC 1.11.1.7) until the
1940s. Yeast cytochrome c peroxidase (CcP, EC 1.11.1.5) was discovered in 1939, initially
misidentified as an oxidase [52]. The discovery of most peroxidases did not occur until
the 1970s [53-56].

In life, dioxygen (Oz) plays a crucial role in numerous chemical reactions and biological
processes. However, the one-electron reduction of Oz results in the production of the
highly toxic superoxide ion (O2*") [57]. This toxic species is neutralized by a cascade of
enzymes, beginning with superoxide dismutase, which catalyzes the disproportionation
of superoxide radicals to Oz and H202 (Equation 1). Subsequently, catalases convert the
excess peroxide generated to water and oxygen (Equation 2) to prevent cellular damage
[58]. The concentration of peroxide is also regulated by peroxidases (peroxide reductases)
(Equation 3), which catalyze the reduction of H202 to water while simultaneously
oxidizing another substrate [59]. Undoubtedly, amongst enzymes, peroxidases are
essential for living systems [60].

202"+ 2H* - 02 + H202 Equation 1
2H202 = 2H20 + 02 Equation 2
AHz2 + H202 > A + 2H20 Equation 3

Heme peroxidases (EC 1.11.1) are ubiquitous H20:-dependent enzymes found in
plants, animal tissues, and microorganisms across all kingdoms of life [61]. These enzymes
require protoporphyrin IX (heme) as a prosthetic group (Figure 3A). The presence of
heme in peroxidases produces a strong absorption peak in the visible wavelength
region around 400 nm, known as Soret band (Figure 3B). To estimate heme content,
the Reinheitszahl (Rz) value is used, calculated as the ratio of absorbances at
approximately 400 nm and 280 nm. With the aid of a redox cofactor, heme peroxidases
catalyze the oxidation of various organic and inorganic compounds [61, 62]. Peroxidases
are biotechnologically attractive enzymes, finding utility as a crucial component in clinical
diagnostic kits and immunoassays [63, 64], biosensors [65], as reagents for organic
synthesis, and in the treatment of waste waters [64].
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Figure 3. The structure of iron protoporphyrin IX (heme IX) and a typical heme peroxidase
absorption spectrum. (A) Heme consists of an iron ion bound within a ring of four pyrrole groups,
with two vinyl and two propionic acid side chains attached. Heme peroxidases use heme as a
cofactor. The different edges of the heme are indicated with Greek letters, illustrating the
nomenclature used in this thesis. (B) The absorption spectrum of HRP is characterised by an intense
peak maximum at 403 nm, known as Soret band. The Rz value is the ratio of absorbances at
403 nm and 280 nm. This ratio is used to indicate the heme content.

1.2.1 Classification

There are four independently evolved heme peroxidase superfamilies, each with a distinct
overall fold, active site, and catalytic functions [66, 67]: (i) the peroxidase-cyclooxygenase
superfamily (annotated as PF03098 in the Pfam database), previously denoted as “animal
heme-dependent peroxidases” [66, 67]; (ii) the peroxidase-peroxygenase superfamily
(PF01328); (iii) the peroxidase-catalase superfamily (PF00141), formerly classified by
Welinder as the “superfamily of bacterial, fungal, and plant heme peroxidases” [66, 68];
and (iv) the peroxidase-chlorite dismutase superfamily (Pfam Clan 0032) [69, 70].
Initially, this superfamily included protein families with related sequences and a common
fold, namely dye-decolorizing peroxidases (DyPs) (PF04261), chlorite dismutases (Clds,
PF06778), and their evolutionary intermediates [66, 70]. This superfamily was termed
CDE (Cld-DyP-EfeB). However, revised phylogenetic analyses revealed that EfeB is a DyP
[66]. Depending on the database, the peroxidase-chlorite dismutase superfamily
comprises 18-24 families [69] and is part of the larger dimeric a+pB barrel structural
superfamily (SCOPe 54909; Pfam database clade CLO032) [66, 69, 71]. The peroxidase-
catalase superfamily of heme peroxidases encompasses three classes. Class | includes
intracellular enzymes, such as ascorbate peroxidase (APX, EC 1.11.1.11) and yeast CcP.
Class Il incorporates secretory fungal enzymes, such as MnP and LiP. Class Ill includes
extracellular plant peroxidases, like HRP [68, 72]. In the literature, these peroxidases of
the peroxidase-catalase superfamily, but also peroxidases from other superfamilies,
are often referred to as classic peroxidases [73, 74]. Thorough investigations have been
conducted on these classic peroxidases, significantly contributing to our understanding
of peroxidases, their catalytic mechanisms, and kinetics, thereby providing a foundation
for contemporary research. Classic peroxidases serve as benchmarks for many other
peroxidases in literature. Therefore, throughout this thesis, DyPs — the peroxidases of
interest, are differentiated from classic peroxidases.
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1.2.2 General catalytic cycle

Peroxidases follow the catalytic cycle of Poulos-Kraut [61] (Figure 4). The substituted-
enzyme reaction, commonly referred to as a ping-pong reaction, occurs via three main
stages: activation by peroxide and two consecutive oxidation steps. The peroxidase
alternates between its ferrous resting state and a reactive high-valent ferryl heme
iron species [69]. The heme molecule is oxidized by H202 to form compound | (Cpd I;
[Fe**=0 Por*]"). Cpd | is two electrons deficient compared to the enzyme in its resting
state: one electron is removed from the iron, resulting in Fe(IV), and the second one from
the porphyrin ring, generating a porphyrin 1 cation radical (in HRP & APX) [75-79].
The existence of Cpd | allows for the binding of the reducing substrate, and Cpd | accepts
an electron from the reductant, wherein porphyrin m cation radical is reduced to
compound Il (Cpd IlI; [Fe**=0]Por). Thereafter, Cpd Il is reduced, and the peroxidase
returns to its initial oxidation state. In total, two electrons are required to reduce Cpd |
back to the resting state [62, 80]. A direct two-electron reduction of Cpd | to the resting
state is also possible. An updated peroxidase mechanism incorporates a water molecule
in the heme distal side, which determines whether the enzyme can undergo a one- or
two-electron reduction. The direct two-electron reduction back to the resting state is
favored by the dry form of the enzyme (water molecule is absent at the distal heme
pocket). The wet form (water molecule is present) favors a one-electron reduction,
leading to the initial reduction of Cpd | to Cpd Il. Cpd Il is then further reduced to form
the resting state of the enzyme [81].

- o e Hzoz

H,0 Resting state

Cpd i / |O|||
26 - [ aas

e I .
— e

Cpd |

Figure 4. The overall catalytic cycle of peroxidases (Publication Il, Fig. 2A). Generally, heme
peroxidases proceed via a ferric iron resting state enzyme and reactive intermediates. H,0; binds
to the resting state of the enzyme. The resting enzyme in ferric form is oxidized due to the reaction
with H;0; an H,0 molecule is produced, and Cpd | generated. Subsequently, by receiving an
electron from the reducing substrate, Cpd | is reduced to Cpd Il, and with the reception of another
electron, the enzyme returns to its resting state. In the case of DyPs, a shunt pathway is also
possible, wherein Cpd | can directly revert to the resting state enzyme through two-electron
reduction.

The formation of Cpd | is considered the most crucial step in catalysis for heme
peroxidases. A distal acid-base pair is essential for Cpd | formation to reposition a proton
in the peroxide molecule [82]. Most heme peroxidases utilize a conserved His-Arg couple
for that purpose [76].
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1.3 Dye-decolorizing peroxidases

1.3.1 Discovery

In 1995, Kim et al. demonstrated that a basidiomycete Bjerkandera adusta (erroneously
described as Geotrichum candium, later as Thanatephorus cucumeris albeit both
misidentified) could degrade a variety of dyes, including anthraquinone- (AQ)-based dye
Reactive Blue 5 (RB5), in solid and liquid cultures [83, 84]. Since there was no activity
when the enzyme solution was added to RB5 without H20;, they suggested that the
enzyme responsible for the dye degradation activity is a peroxidase [83]. In 1999,
the same enzyme was purified from B. adusta and tested on various dyes [83, 85].
The enzyme was confirmed to be a peroxidase and could decolorize seven AQ and azo
dyes as well as three model compounds of RB5 [85]. In addition to dyes, this peroxidase
catalyzed the oxidation of phenolic compounds, such as 2,6-dimethoxyphenol (2,6-DMP)
and guaiacol, but not a non-phenolic substrate veratryl alcohol. The spectral characteristics
of this peroxidase were like classic peroxidases, exhibiting a Soret absorption band
maximum at 406 nm [80, 85, 86]. However, based on its molecular weight and substrate
specificity, the purified peroxidase was believed to be a novel peroxidase distinct from
classic peroxidases [85]. Comparison of its primary structure with other peroxidases
confirmed the discovery of a unique peroxidase [87], and due to its rare ability to
decolorize AQ dyes, it was named dye-decolorizing peroxidase [73].

Although DyPs were initially discovered in fungi in 2004, YwbN from Bacillus subtilis
showed similarity to putative DyP peroxidases, though it was not identified as DyP at that
time [88]. The following year, Ebihara et al. reported the existence of a peroxidase from
a bacterium and noted its similarity to a DyP-type peroxidase [89]. Since then, several
DyPs have been discovered, and it is known that DyPs are widely distributed across all
domains of life, including Eukarya (protists, protozoans, fungi), Bacteria, and Archaea [90,
91].

1.3.2 Classification

DyPs exhibit no homology to classic peroxidases and are phylogenetically, structurally,
and mechanistically distinct from them [59, 80]. Consequently, in 2007, DyP-type
peroxidases were recognized as a new family of heme peroxidases [92]. DyPs can be
classified in various ways, and several databases exist for classification of proteins.
As mentioned earlier, DyPs belong to the superfamily of peroxidase-chlorite dismutase
(PFam Clan 0032) [69, 70]. According to the SCOP-extended (SCOPe) database (version
2.08), the family of DyP-type peroxidases (d.58.4.14, SCOP ID: 4003595) belongs to the
superfamily of dimeric a+p barrel proteins (SCOP ID: 3000089). This superfamily is part
of the ferredoxin-like fold (SCOP ID: 2000014) and the structural class of a+B proteins
(SCOP ID: 1000003), where the secondary structure comprises segregated a-helices and
B-strands [71, 93]. According to the InterPro database, which classifies proteins into
families and predicts the presence of domains and important sites, the DyP-type
peroxidase family (InterPro: IPR0O06314, Pfam entry PF04261) belongs to the
Dim_A_B_barrel superfamily (Pfam clan: CL0032) [94]. RedoxiBase (formerly PeroxiBase)
incorporates information about oxidoreductase superfamilies, where the existence of
DyPs as a separate (super)family is represented (Dye-decolorizing Prx). In RedoxiBase,
based on phylogenetic analysis and structural characteristics, DyPs are divided into four
subfamilies (types): A, B, C, and D [95, 96]. Types A, B, and C are found in bacterial species,
whereas type D DyPs are solely present in fungi [97]. Presumably, subfamily A evolved
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first; evolution then led to the more sophisticated C and D subfamilies or alternatively
towards the shortened subfamily B [66].

Type A DyPs possess a twin arginine translocation (Tat)-dependent signal sequence,
directing the folded protein to function outside the cytoplasmic membrane of bacteria
[59, 98]. Substrates for the Tat pathway often include redox enzymes requiring cofactor
insertion in the cytoplasm and multimeric proteins that need to assemble into a complex
before export [98]. The first DyP identified as a Tat-substrate was initially recognized as
a novel class of Tat-dependently translocated hemoprotein [99]. DyPs studied from
subfamily A include TfuDyP from actinomycete Thermobifida fusca [100], DypA from
R. jostii RHA1 [101], DtpAa and DtpA from Streptomyces lividans [102, 103], BsDyP from
B. subtilis [104], and CboDyP from alkaphilic cellulomonad Cellulomonas bogoriensis
[105]. DyPs from subfamilies B & C are cytoplasmic, lacking the signal sequence [106].
Type B DyPs are the shortest in length. The representatives from subfamily B include
DypB from R. jostii RHA1 [101, 107-110], DtpB from S. lividans [103], PpDyP from the soil
bacterium Pseudomonas putida [111], and VcDyP from the pathogen Vibrio cholera
[112]. DyPs from subfamily C are the least investigated ones [113]. An example of a
subfamily C representative is DrDyP from the extremely radiation-resistant bacterium
Deinococcus radiodurans [114]. In terms of structure, DyPs from subfamily D are more
similar to those from subfamily C, but they generally lack the N-terminal pro-sequence
that is typically present in subfamily C [113]. The first DyP discovered was from subfamily
D, DyP from the basidiomycota B. adusta [85]. Distinguishing between the phylogenetic
characteristics of subfamilies C and D can be challenging [115]. This has led to another
classification of DyPs, based on structure-based sequence alignments, dividing DyPs into
subfamilies | (Intermediate, previous subfamily A), P (Primary, previous subfamily B), and
V (adVanced, previous subfamilies C & D) [113]. Although the newer classification is
considered to be more accurate, the older one is still used in parallel. Throughout this
thesis, the older classification is adopted.

1.3.3 Overall structure

Initially, the presence of B-strands in the structure of DyP was noted, highlighting the
uniqueness of DyPs. Unlike classic peroxidases, DyPs lack a helix-rich structure and
instead feature a B-sheet folding motif [116]. In 2005, the first complete crystal structure
of DyP from Thermus thermophilus HB8, albeit in apo-form, was obtained [89]. DyPs are
o+B proteins with a conserved tertiary structure comprising two similar domains. Within
each domain, four-stranded antiparallel B-sheets form a B-barrel structure distal to the
heme (Figure 5) [90, 117]. The B-sheet is flanked by a-helices in a ferredoxin-like fold
(BaBBap) [92, 117, 118]. While a-helices and B-sheets are mostly conserved, the loop
regions connecting them vary [82]. It is believed that the N-terminal distal and C-terminal
proximal domains evolved through ancestral gene duplication [118]. Both domains of
DyP are involved in forming the active site of the peroxidase [117], primarily through the
B-sheet of the proximal domain and also via the loop of the distal domain [97, 117].
The oligomeric state of DyPs has been investigated using various methods including gel
filtration chromatography, analytical ultracentrifugation, blue native PAGE, and crystal
structure analysis. These enzymes can exist as a monomer (Figure 5A), dimer (Figure 5B),
or form multimeric assemblies, such as hexamer (Figure 5C) [85, 89, 99, 100, 104, 105,
112, 115, 117-134]. However, the relationship between the oligomeric organization and
catalytic activity has yet to be explored.
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Figure 5. Different oligomeric states of DyPs. Representation of a monomeric AauDyP from
Auricularia auricula-judae, wherein heme is indicated in orange (A), a dimeric TyrA from Shewanella
oneidensis (B), and a hexameric BtDyP from Bacteroides thetaiotaomicron (C). PDB ID: 4AUS9, 2IiZ,
and 2GVK, respectively.

1.3.4 Catalytic cycle

In peroxidases, three substrate binding sites are recognized: the 6-edge and y-edge of
the heme and surface-exposed Tyr/Trp residues [135-137]. Different substrates may
utilize different binding sites within the same peroxidase [77]. In DyPs, heme accessibility
occurs through funnel-shaped channel(s) from the surface of the enzyme to the heme
(Figure 6A) [78, 82]. These channels facilitate the movement of substrates. The size and
shape of these channels can vary, influencing substrate specificity and reactivity [138].
The channels in DyPs are hydrophobic [82, 89, 117, 134]. The heme pocket can easily
accommodate compounds that are not larger than a benzene ring with small substituents
[78]. Bulky substrates cannot directly access the heme cavity; instead, these sterically
demanding substrates utilize surface-exposed substrate-oxidation sites (Tyr/Trp residues).
The long-range electron transfer pathway (LRET) is used, for instance, for the oxidation
of Reactive Blue 19 [82, 91, 112, 131, 139-142]. In the active site, DyPs feature a proximal
conserved His residue serving as a fifth axial iron ligand of the heme (Figure 6B).
The central iron atom of heme is coordinated to Ne2 of this His residue, similarly to classic
peroxidases [69, 90, 92, 117]. In classic peroxidases, a strong hydrogen bond is
established between the proximal His and the carboxylate of an adjacent, well conserved
Asp [143, 144]. In DyPs, the proximal His forms a hydrogen bond with an acidic residue,
creating an Fe-His-Asp/Glu triad [70, 89]. For instance, in DyP from B. adusta, Glu391 is
hydrogen bonded to His308, thereby stabilizing Fe3* and Fe** [92]. On the distal side of
the heme, the highly conserved His, which acts as an acid-base catalyst in the formation
of Cpd | in classic peroxidases, is absent [59, 92]. The heme-binding site of DyPs
incorporates a collection of highly conserved residues, including a unique GXXDG motif
[74, 100]. Initially, it was suggested that the conserved Asp, a weaker base than His,
within the GXXDG motif takes over the role of the distal His found in classic peroxidases
[145, 146]. Indeed, the studies with DyP from B. adusta demonstrated that the distal
Asp171 functions similarly to the distal His in classic peroxidases [74, 92]. Arg329 in the
C-terminus serves as the essential arginine. In other peroxidases, the essential arginine
is usually located in the N-terminus, such as Arg38 in HRP [92]. The roles of Asp and Arg
on the distal side of heme are not quite clear. A study on a B-type DyP from R. jostii RHA1
showed that Arg244 was necessary for Cpd | formation, while the distal Asp153 had

20



minimal effect on the activity of the DyP [147]. The distal Arg appears to be critical in
type B DyPs, but not in A type DyPs [126]. Nevertheless, in BsDyP from B. subtilis, neither
the conserved Asp nor the Arg were separately crucial for the peroxidase activity [148].
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Figure 6. The heme along with its surrounding residues and channels in DyP. (A) In DyPs, heme
accessibility is achieved through funnel-shaped channels that enable efficient substrate movement.
The channels in DtpA from S. lividans (PDB ID: 6GZW) are illustrated here, using Caver 3.0.3
(minimum probe radius 1.4 A). (B) In the active site of DyPs, the proximal His serves as the fifth axial
iron ligand of the heme, forming an Fe-His-Glu triad. On the distal side of the heme, Asp and Arg
residues are present, while the conserved His residue is absent. In DyP from B. adusta (PDB ID:
2D3Q), the distal Asp171 has been shown to function similarly to the distal His found in classic
peroxidases. The proximal and distal sides of the heme are in the same orientation in both panels.

The catalytical cycle of DyPs closely resembles that of classic peroxidases, involving
transitions between the enzyme in its resting state and interactive intermediates Cpd |
and Cpd Il. During these transitions, peroxide is reduced to water while another substrate
is concurrently oxidized. To complete the catalytic cycle and return to the resting state,
DyP requires two electrons from the reducing substrate. The first model for Cpd |
formation in DyPs was proposed by Sugano et al. [92]. Over the years, the concept of Cpd
| formation was further elucidated. In DyPs, a swinging mechanism can occur to accept
the proton from H202 during the formation of Cpd | [149]. In DyPs, it has been shown
that a wet heme pocket favors the one-electron reduction pathway, while a dry pocket
favors the direct two-electron reduction of Cpd | to enzyme in its resting state [104, 109,
121, 129, 134, 148, 150, 151].

Several detailed studies of heme peroxidases have highlighted deviations from the
typical peroxidase mechanism, particularly regarding the inactivation by H202 [72,
152-157]. In the absence of a reducing substrate and/or with excess H202, Cpd | reacts
with H202, leading to enzyme inactivation. Some peroxidases have protective pathways,
such as the compound Il (Cpd Ill) pathway or a catalase-like pathway [153, 158].
When excess H20: reacts with Cpd II, the formation of Cpd Ill protects the enzyme by
delaying inactivation [159]. For instance, in HRP, approximately 500 equivalents of H,0>
are needed to form Cpd Il [160]. Notably, Cpd Il is not part of the usual peroxidase cycle
and only forms in the presence of excess peroxide [161]. In certain peroxidases,
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the catalase-like pathway can reduce H202-induced inactivation [153]. Without reductants,
H202 acts both as an oxidant (forming Cpd I) and as a reductant (serving as electron
donor). HRP, for example, can decompose excess H202 through dismutation, producing
02[61, 153, 158, 162]. Conversely, APX does not exhibit significant catalase-like activity
[72, 163]. Consequently, 625 molecules of H20: per active site are required for
inactivation in HRP, while only 2.5 molecules of H.0; are needed for APX [72]. However,
even with catalase-like activity, peroxidases are not fully protected and still undergo
inactivation by H202 [153].

The reducing substrate is the main protector of peroxidase by reducing the likelihood
that H,0, will react with Cpd I. Without it, many heme peroxidases are susceptible to
H20; inactivation [72, 152—-157]. Arnao et al. 1990 demonstrated this protective effect
using 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), showing that the
peroxidase remains safeguarded as long as the ratio of [ABTS]/[H202] is sufficiently high.
This ratio dictates the fate of the peroxidase, catalytic turnover, level of protection, and
the protective pathway employed [164]. However, excessive H202 can still lead to
inactivation, even when a reducing substrate is present. Once the ratio of reducing
substrate to H202 drops, the enzyme becomes vulnerable to H202-induced inactivation
[72].

1.3.5 Potential biological functions

Kim et al. 1999 provided the initial understanding of the overall substrate preferences of
DyPs. DyPs can oxidize AQ and azo dyes (Figure 7), and phenolic substrates (2,6-DMP and
guaiacol) without requiring Mn?* (unlike MnP). However, they are unable to catalyze the
oxidation of non-phenolic veratryl alcohol (unlike LiP) [85]. Despite being named after
their dye-decolorizing ability [83, 85, 92], not all DyPs exhibit activity on dyes [100, 113].
The substrate spectrum of DyPs is much broader [86, 97]. Apart from dyes, DyPs catalyze
the oxidation of substrates such as complex phenolic and non-phenolic molecules,
lignin-related compounds, carotenoids, aromatic sulfides, and metal ions [85, 101, 165].
There are also notable catalytic differences among different subclasses [166]. While DyPs
can catalyze the oxidation of synthetic dyes and xenobiotics, these dyes are likely not
their natural substrates. Despite two decades of extensive research, the physiological
role and biological substrate of DyPs remains largely unknown, although several
potential physiological roles have been proposed [91].

The extracellular presence of fungal DyPs suggests a possible role in nonspecific
detoxification, degrading extracellular substances to protect against hazardous materials
such as xenobiotics [74]. Some of peroxidases (type A DyPs, such as TfuDyP from
T. fusca, YcdB from Escherichia coli, etc.) are secreted into the periplasmic space of
bacteria with the aid of the Tat-signal sequence [98-100, 167]. Proteins with Tat-signal
are involved in a range of cellular activities, including anaerobic metabolism, cell envelope
biogenesis, metal acquisition and detoxification, and virulence [98]. However, this function
is unlikely for intracellular DyPs, such as TyrA and BtDyP [74].

The relatively high redox potential of some DyPs allows for the oxidation of lignin
model compounds, suggesting a potential involvement in ligninolysis in nature [168].
Both bacterial as well as fungal DyPs have demonstrated the ability to oxidize non-phenolic
as well as phenolic lignin model compounds. Examples include DyP from jelly fungus
A. auricula-judae [168], DyPB from R. jostii RHA1 [107], DyP2 (type C) from Amycolatopsis
sp. 75iv2 [119], BsDyP from B. subtilis KCTC2023 [169], TfuDyP from T. fusca [170],
and BaDyP from Bacillus amyloliquefaciens [171]. Furthermore, some DyPs, such as DyPB
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from R. jostii RHA1 [107], Dyp1B from Pseudomonas fluorescens Pf-5 [172], and TfuDyP
have been tested on polymeric Kraft lignin and/or wheat straw lignocellulose [170].
Additionally, IrlacDyP from Irpex lacteus could transform the phenolic content of
lignosulfonates [173].

Solvent Yellow 7

Reactive Blue 4

Figure 7. An example of AQ and azo dyes. In this figure are Reactive Blue 4 and Solvent Yellow 7,
an orange-colored azo dye. AQ dyes contain a 3-ring aromatic core structure of 9,10-anthraquinone.
Azo dyes contain a functional group R-N=N-R’, in which R and R’ are usually aryl and substituted aryl
groups.

1.3.6 Investigation of kinetics

The study of enzyme kinetics is essential for accurately characterizing enzymes. Numerous
excellent kinetic studies on DyPs have investigated both transient-state kinetics and
steady-state kinetics [102, 109, 115, 121, 134]. In conventional Michaelis-Menten (MM)
kinetics, the initial rate of an enzyme-catalyzed reaction exhibits a hyperbolic dependence
on substrate concentration. To determine kinetic parameters, the MM equation
(Equation 4) is used, where v represents the initial rate, Eo is the total concentration of
the enzyme, Vmax is the maximal velocity, [S] is the substrate concentration, and Kw is the
Michaelis constant.

v lmax [S]
_— = Equation 4
- 5] quation

Kinetic studies of DyPs have revealed that these enzymes often exhibit atypical,
non-MM kinetic behavior, characterized by non-hyperbolic plots of velocity versus [S].
This behavior may include substrate inhibition by H202 and/or by the reducing substrate
[104, 115, 150, 174-176], and/or positive cooperativity [102, 109, 115, 121]. However,
the underlying mechanisms of non-conventional kinetics remain poorly understood,
complicating the study of DyPs and limiting our understanding of their potential.
Substrate inhibition affects approximately 20-30% of all enzymes [177]. In some
instances, it is considered an experimental artifact, often occurring at unnaturally
high substrate concentrations [178]. Substrate inhibition is particularly common in
multi-substrate enzyme reactions, where the substrate binds to an incorrect form of the
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enzyme, leading to the formation of an enzyme-substrate complex that cannot generate
a product [179]. Under substrate inhibition, the initial rate decreases at higher substrate
concentrations, and the empirical equation of substrate inhibition (Equation 5) can be
used, where ket and Ki represent the catalytic constant and inhibition constant,
respectively.

v kcat [S] .
Fal — Equation 5

Bo Ky + 157+ 55
i

Positive cooperativity is a characteristic feature of enzymes with multiple subunits or
several binding sites. When the initial reaction velocity v exhibits a sigmoidal dependence
on substrate concentration [S] and includes a characteristic lag phase, it suggests the
presence of apparent positive cooperativity. In this context, the empirical Hill equation
(Equation 6) can be applied, where Kosand h represent the concentration of substrate at

half-maximal rate and the Hill coefficient, respectively.

v ko [S1
— = C;fti[] Equation 6
Ey  Kos" +[SI"
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2 Aims of the study

Lignin represents a primary reservoir of aromatic compounds in nature and is often
regarded as a sustainable alternative to fossil-derived chemicals in the chemical industry.
Efficient utilization of lignin requires its breakdown into lower molecular weight
fragments, a process achievable by various enzymes, such as dye-decolorizing
peroxidases (DyPs). Despite being studied for a quarter of a century, there are still
unknown aspects about DyPs, including the relationship between oligomerization and
catalytic activity. It is crucial to characterize these enzymes thoroughly to understand
their potential in biotechnological and industrial applications and to utilize them
effectively. Moreover, besides the challenges posed by lignin, the complex nature of
DyPs presents additional hurdles. The characterization of DyPs is hindered by their
non-Michaelis-Menten kinetics, exhibiting substrate inhibition and positive cooperativity.
The main aims of the thesis were as follows:
e To explore novel enzymes for lignin depolymerization.
e To reveal the mechanisms underlying the non-conventional kinetics (substrate
inhibition and positive cooperativity) of DyPs.
e To clarify the relationships between the degree of oligomerization of DyPs and
their catalytic activity.
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3 Materials and methods

A brief description of the methods is provided below. Further details can be found in
Publications I-III.

Cloning of DyPs
e Genes encoding DyPs were cloned into the pET15b vector, or codon-optimized
genes, pre-cloned into the pET28a expression vector, were ordered from Twist
Bioscience (Publications I-lIl).
e Transformation was performed by electroporation (Publications I-ll1).

Expression and purification of recombinant DyPs
e Recombinant DyPs from Streptomyces coelicolor (ScDyP) and Thermobifida
halotolerans (ThDyP) were overexpressed in E. coli BL21 (DE3) as Hiss-fusion
proteins (Publications I-I11).
e DyPs were purified using nickel-affinity chromatography (Publications I-IlI).
e The concentration of active enzyme was determined spectrophotometrically at
406 nm (g406 = 100,000 M~ cm™) (Publications I-lll).

Enzyme assays

e The concentration of H202 was determined spectrophotometrically at 240 nm
using an extinction coefficient of 39.4 M~ cm™ (Publications II-lIl).

e Reactions were initiated by adding the enzyme from its working stock to the
cuvette containing a mixture of the reducing substrate and H20: (Publications
).

e Non-enzymatic oxidation of substrates was tested by performing the
measurements without the enzyme (Publications I-l).

e The optimal pH for the oxidation of ABTS and 2,6-DMP was determined for each
ScDyP (Publication 1).

e The kinetics of ScDyPs was studied with ABTS and 2,6-DMP (Publication I).

e The dependence of ABTS oxidation by ScDyPs on temperature was determined
(Publication 1).

e The stability of ScDyPs was assessed at 30 °C with ABTS (Publication 1).

e ABTS, methylhydroquinone (MHQ), 2,6-dimethoxyhydroxyquinone (DMHQ),
Reactive Blue 4 (RB4), and Reactive Blue 19 (RB19) were used as reducing
substrates (Publication II).

e ABTS and MHQ were used for the kinetic characterization (Publication IIl).

Lignin experiments

e Ethanol organosolv lignin from bleached chemi-thermomechanical aspen pulp
was extracted as described by JGul et al. 2022. Ethanol organosolv lignin from
Miscanthus x giganteus (Mxg-lignin) was provided by Stefan Bauer (Publication I).

e Lignin suspension at 1 mg/mL in HEPES buffer (50 mM, pH 8.0) with added
2 mM H202 was treated with 10 uM of ScDyPs and incubated for 24 h, 200 rpm,
at 28 °C (Publication I).

e Gel permeation chromatography (GPC) was used to monitor changes in the
molecular weight distribution of enzymatically treated lignins (Publication 1).
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To analyze low molecular weight (LMW) compounds in Mxg- and aspen lignins
treated with ScDyPs, as well as those without enzymatic treatment, gas
chromatography-mass spectrometry (GC-MS) was used (Publication I).

Crystal structure

ThDyP was crystallized using sitting-drop vapor diffusion crystallization screens
(Publication 11).

X-ray diffraction data were collected at 100 K at the BL13-XALOC beamline,
equipped with a PILATUS 6M detector at the ALBA synchrotron light source
(Barcelona, Spain) (Publication II).

The crystal structure of ThDyP was solved by molecular replacement using
MOLREP in the CCP4 program suite, utilizing the coordinates of DyP from
Thermobifida cellulosilytica (PDB ID: 4GS1) as the search model (Publication Il).
Initial model refinement was performed with REFMACS, and iterative model
building and refinement were carried out with COOT and phenix.refine
(Publication II).

Oligmerization analysis

The oligomerization state of ThDyP and ScDyPB was estimated by gel filtration
chromatography (Publications Il & II).

Dynamic light scattering (DLS) analysis was used to determine the size distribution
of ScDyPB (Publication lIl).

Inactivation studies

For the time dependency of inactivation, ThDyP was pre-incubated with H202 or
ABTS for a selected time. After pre-incubation, the residual ABTS oxidizing
activity of ThDyP was measured using ABTS (Publication I1).

For the end-point inactivation, ThDyP was pre-incubated with H,0; for 1 h or
ABTS for 24 h, before measuring the residual ABTS oxidizing activity (Publication
).

ScDyPB at pH 4.0 or at pH 7.5 was preincubated with H.0,. At selected times,
an aliquot was withdrawn, and the activity was measured.

UV-vis absorption spectra

The UV-vis absorption spectra of ThDyP and ScDyPB were recorded from
300 nm to 700 nm or from 250 to 700 nm, respectively (Publications Il & Il1).
The spectra of ThDyP were recorded in the presence of different molar
equivalents of H202 (Publication I1).

The spectra of ScDyPB were recorded at pH 7.5 and pH 4.0 (Publication Il1).
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4 Results

Four different DyPs from two Gram-positive bacteria were studied: two type A DyPs and
atype B DyP from a soil-dwelling bacterium S. coelicolor (ScDyP1A, ScDyP2A, and ScDyPB)
and a type A DyP from a bacterium T. halotolerans (ThDyP). The studied DyPs were
characterized mostly using a common peroxidase substrate, ABTS, but also other
reducing substrates such as AQ-based dyes and phenolic hydroquinones (Publication I,
Scheme 1). ScDyPs were also tested on organosolv lignin derived from Mxg and aspen
(Publication I).

4.1 General characterization of ScDyPs (Publication 1)

For the ensemble of ScDyPs, the overall biochemical characterization included
determining the optimal pH for the oxidation of ABTS, temperature dependency, and
thermostability. The pH optima for ScDyPs were between 3.0-4.0 for the oxidation of
ABTS (Publication I, Fig. 2; Publication Ill, Fig. 1C). For ScDyPB, the optimum pH for the
oxidation on MHQ was similar to ABTS (Publication Ill, Fig. 1C). The optimal pH for
2,6-DMP was around 8.5 (data not shown). Temperature dependency and
thermostability were assessed using ABTS as the electron donor. Oxidation reactions
performed at 20—70 °C revealed that peroxidase activity for all DyPs decreased or started
to decrease at 30 °C, with activity continuing to decline as the temperature increased
further (Publication |, Fig. 3). The activity of ScDyPs at 30 °C decreased over time. In 24 h,
ScDyP2A lost approximately half of its activity, while ScDyP1A and ScDyPB retained about
80% of their activity. After 48 h, only ScDyP1A maintained over half of its activity
(approximately 70%), while the other two DyPs retained around 30% of their activity
(Publication I, Fig. 4).

ScDyPs were studied kinetically. Steady-state kinetics measurements of ScDyPs were
performed to determine the apparent kinetic parameters for ABTS. The kinetic curves of
ABTS oxidation displayed characteristics of substrate inhibition by ABTS (Publication I,
Fig. S2). Consequently, the kinetics were analyzed using the empirical equation for
substrate inhibition (Equation 5). ScDyPB exhibited the lowest apparent Kw value of
80 uM for ABTS and the highest ket (49 s72), resulting in the highest catalytic efficiency
(keat/Kwm) (607 mM1-s71) for ABTS oxidation. The Kivalue of 0.4 mM for ScDyPB was smaller
compared to ScDyPAs, indicating a stronger inhibitory effect by ABTS (Publication I,
Table 3, Fig. S2). ScDyP2A and ScDyPB could catalyze the oxidation of 2,6-DMP, but they
exhibited approximately 140- and 200-fold lower apparent kct/Km compared to the
oxidation of ABTS, respectively (data not shown). Additionally, the oxidation of 2,6-DMP
also demonstrated substrate inhibition (Publication |, Fig. S3).

4.2 In-depth kinetic characterization of DyPs (Publications 1l & 1ll)

The in-depth kinetic characterization of DyPs incorporated the investigations of biphasic
kinetics, substrate inhibition, inactivation by H202 and ABTS, and apparent positive
cooperativity of DyPs.

4.2.1 Biphasic kinetics of ScDyPB (Publication Ill)

A closer investigation of the kinetics of ScDyPB with ABTS showed that the dependency
of the rates on H202 concentration adhered to typical MM kinetics (Figure 8B; Publication
Ill, Fig. S2B, eq S1, Fig. 4B). Conversely, varying ABTS concentration revealed substrate
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inhibition by ABTS, which became more prominent at lower H,02 concentrations
(Figure 8A; Publication I, Fig. 4A, Fig. S2A for the zoom-in of the series with low H202
concentrations). Unexpectedly, the data did not conform solely to ping-pong peroxidase
kinetics with substrate inhibition by ABTS. Neither the MM equation (Equation 4) nor the
empirical equation of substrate inhibition (Equation 5) could adequately describe these
kinetics. The dependence of the rates of ABTS oxidation for H202 on the concentration
of ABTS revealed a drop in the rates in the ABTS concentration range of 0.1-0.2 mM
(Figure 8A; Publication I, Fig. 4A).

These results could be explained by the presence of biphasic kinetics. Let’s assume
that ScDyPB exhibits activity in two distinct, kinetically separate forms: enzyme form | (E')
follows MM kinetics, and enzyme form Il (E") which is substrate-inhibited by ABTS. By
adopting this assumption, this kinetic phenomenon could be elucidated by combining
the two steady-state rate equations (Equation 7).
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Figure 8. Kinetics of ScDyPB with ABTS. The dependence of the initial rates of the oxidation of ABTS
on the concentration of (A) ABTS and (B) H20,. The solid lines in (A) and (B) represent the global
non-linear regression of the data according to Equation 8. The concentration of the substrate held
constant in each series is shown in the respective plot. Data are presented as average values from
three independent experiments (n = 3).

Equation 7 successfully captured the relationship between the rate of ABTS oxidation
by ScDyPB and the concentration of ABTS and the observed drop in ABTS oxidation rates
after 0.1 mM ABTS (Figure 8A; Publication Ill, Fig. 4A). We performed a global non-linear
regression analysis of the data in Figure 8A (Publication Ill, Fig. 4A) using Equation 7 and
predicted the kinetic parameters for E', [E'lkcat'/[Elo, Kmiasts), and Kwmz02)' values of
59 +3s7% 1.0 +0.12 mM, and 0.89 + 0.06 mM, respectively (for the fit, see Publication III,
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Fig. S4A). While we could predict the kinetic parameters for E', the interdependence
among the parameters prevented us from determining the kinetic parameters for E".
However, by assuming that both enzyme forms share identical kinetic parameter values,
with the distinction lying solely in the presence of substrate inhibition for form E",
Equation 7 could be simplified to Equation 8. Subsequently, conducting a global
non-linear regression analysis of the same data from Figure 8A (Publication I, Fig. 4A)
according to Equation 8 allowed us to estimate the relative proportions of enzyme forms
I and Il as 0.18 + 0.01 and 0.82 £ 0.01, respectively. Furthermore, it enabled to predict
the common kinetic parameters for both forms, 327 + 28 s7%, 0.95 + 0.09 mM, and
0.89 + 0.06 mM, for kcat, Km(asts), and KmH202), respectively. The estimate of the Kiasts) was
4.12 £ 0.36 pM.
I
" Lk 14BTS11H,0,]
Ey  Kuaprs)[H202] + Kynz02)[ABTS] + [ABTS][H,0,

(1-E0) ke 48751110,

i
ABTS

Kustasrsy 2021 + Kuprzon [ABTS] (1 + 2L ) 1 [4BTS][1,0,]
i(ABTS)

]+

+

Equation 8

4.2.2 Kinetic study of ThDyP with substrate inhibition (Publication I1)

The kinetics of ThDyP were investigated using ABTS, two hydroquinones (MHQ and
DMHQ), and two AQ-based dyes (RB4 and RB19) (Publication Il, Scheme 1). Similar to
ScDyPs, the relationship between the initial rate of ABTS oxidation and the
concentrations of ABTS or H202 was not hyperbolic (Figure 9; Publication Il, Fig. 1A or
Fig. 1B, respectively), exhibiting substrate inhibition. The substrate inhibition by ABTS
was more pronounced at lower H202 concentrations (1.0-10 uM) (Figure 9A; Publication
Il, Fig. 1A). The substrate inhibition by H»0: was intensified, as [ABTS] decreased
(Publication Il, Fig. 1B). The series of kinetic data showing substrate inhibition by ABTS or
H20:2 could be analyzed using non-linear regression analysis according to the empirical
equation for substrate inhibition (Equation 5). The kinetic parameters for H202 and ABTS
are shown in Publication I, Table S1 and Table S2, respectively. The determined Kw®?
and KPP (data from Figure 9B, Publication Il, Fig. 1B) were used to determine the optimal
substrate concentration [H202]opt using Equation 9 and was shown to increase
proportionally with [ABTS] (Publication Il, Fig. S2).

[STope = Ky K7 Equation 9

ThDyP showed significantly lower activity with the other tested reducing substrates
compared to ABTS. Nevertheless, inhibition by H202 was observed with these substrates,
except with DMHQ (Figure 9D, F; Publication Il, Fig. 1D, F). The inhibition by the reducing
substrate was only evident with RB4 (Figure 9E; Publication Il, Fig. 1E), but not with other
substrates (Figure 9C, E; Publication Il, Fig. 1C, E).
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Figure 9. Kinetics of ThDyP. The dependence of initial rates of ThDyP-catalyzed oxidation of ABTS
on the concentration of (A) ABTS and (B) H0,. Panels (C) and (E) show the dependence of the initial
rates of the oxidation of hydroquinones and anthraquinone dyes on the concentration of
hydroquinone and anthraquinone dye, respectively, while panels (D) and (F) show the dependence
on H,0, concentration. The solid lines in (A) represent non-linear regression of the data. For the
series with [H,0,] ranging from 1.0 to 10 uM, the regression follows Equation 5. For the series with
[H20;] of 25 uM and above (with datasets limited to a maximum [ABTS] of 2 mM), it follows
Equation 6. The solid lines in (B) represent non-linear regression of the data according to Equation
5. The substrate and its constant concentration in each series are indicated within the plot. Data
represent average values from two experiments.

4.2.3 Investigations of inactivation (Publications 1l & IlI)

We explored the potential inactivation of ThDyP and ScDyPB by H20>, as well as ThDyP
inactivation by ABTS (Publications Il & IIl). The enzyme was pre-incubated with H,0; or
ABTS in the absence of the other substrate, and the residual activity was tested with
ABTS. The residual activity of ThDyP declined over the pre-incubation period; however,
after 30 min, it stabilized at a plateau, where the final value depended on the
concentration of H202 (Publication I, Fig. S3A). We observed that ThDyP was fully
inactivated by an average of only 4.6 £+ 0.9 H202 molecules (Publication IlI, Fig. 3A).
Titration of ThDyP with H20: led to a decrease in the absorbance of the Soret band at
405 nm, ultimately leading to its total disappearance (Publication II, Fig. S4). These
observations suggest that a non-productive complex forms between Cpd | and H20..
ScDyPB was irreversibly inactivated by H20: (Publication Ill, Fig. S3). The rate of
inactivation rose with increasing concentrations of H.0,, yielding second-order rate
constants of 4.9+ 0.3 and 6.2 + 0.9 M* s7! for H202-induced inactivation of ScDyPB at pH
4.0 and 7.5, respectively (Publication Ill, Fig. S3).

ABTS-triggered inactivation was less effective. Pre-incubation with ABTS led to a
time-dependent reduction in the residual activity of ThDyP (Publication Il, Fig. S3B), and
ThDyP was fully inactivated only when the ABTS to ThDyP ratio reached 250 (Publication
I, Fig. 3B). ABTS oxidation in the absence of H202 was slow, producing a maximum of
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approximately 10 oxidized ABTS molecules per ThDyP molecule (Publication I, Fig. S5),
indicating that ABTS oxidation without added H202 and ThDyP inactivation are not
interconnected. Nonetheless, the inactivation of ThDyP by ABTS in the absence of H20:
implies the existence of a non-productive complex involving the resting state of ThDyP
and ABTS. The inactivation of DyPs by H202 in the absence of ABTS suggests the possibility
of Cpd I-H202 complex formation.

4.2.4 Mechanism explaining substrate inhibition by both substrates
(Publication Il)

The formation of non-productive complexes between the resting enzyme and ABTS, and
between Cpd | and H,0,, was assumed to explain substrate inhibition by the reducing
substrate and H,0,, respectively (Figure 10; Publication I, Fig. 2B). We exploited the
knowledge that in enzymes exhibiting the ping-pong mechanism, substrates binding to
the wrong form of the enzyme lead to inhibition. Additionally, we provided experimental
supporting evidence that substrate inhibition by H202 or ABTS may be due to the formation
of a non-productive complex with Cpd | or the ThDyP resting state, respectively (Publication
).

We proposed a mechanism to explain inhibition of DyPs or heme-peroxidases in
general by both substrates — reducing substrate and H20: (Figure 10; Publication II,
Fig. 2B). This mechanism was solved, and the rate equation was derived using rapid
equilibrium as well as steady-state assumptions, both resulting in equivalent equations.
In Equation 10, Eo and [P] represent the total concentration of the enzyme and the
concentration of one-electron-oxidized product, respectively. The ket and equilibrium
binding constants in Equation 10 are defined in Figure 10 (Publication Il, Fig. 2B).

v d[H;0,] _ Zd[P] _

E, e “ dt
kcat[SI[H20,]

kcatKH,0 [s] \, kcatKs1 [H205]
[S1[H20,]+ 22275]( 14 p—ca [Hp05]( 1422
272 kox - Ki(s)} Krear = 2 % Ki(H,07)

- kcatKsa
+ [H0;]
Kredz = 2 2

) Equation 10
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Figure 10. The kinetic mechanism explaining the substrate inhibition of heme peroxidase by both
reducing substrate (S) and H;0;. E, E), and Ey), represent the enzyme in the resting state, Cpd |,
and Cpd I, respectively. The k.o: and the equilibrium dissociation constants used to derive the rate
equations are defined within the figure.

4.2.5 Structure of ThDyP (Publication II)

The crystal structure of ThDyP was solved, aiding in clarifying the complex kinetics of
ThDyP. Similar to other solved structures of DyPs, ThDyP adopts a ferredoxin-like fold,
consisting of two four-stranded antiparallel B-sheets and peripheral a-helices connected
by loop regions (Figure 11; Publication Il, Fig. 4A). Each monomer of ThDyP contains three
heme access channels. The largest of them, the propionate pocket, is depicted in the
inset (Figure 11; Publication Il, Fig. 4A). Channel modelling indicates that this access
route is wide and open enough for ABTS to reach and directly interact with the heme.
This corroborates that competitive binding of ABTS and H20: to the resting state heme
of ThDyP may cause substrate inhibition of ThDyP by ABTS (Figure 10; Publication II,
Fig. 2B).
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Figure 11. Structure of ThDyP. The structure of the ThDyP monomer (PDB ID: 8CK9). a-helices,
[sheets, and loops are shown in cyan, purple, and tan, respectively. The heme is shown in orange-
red-blue stick representation and the iron as a magenta sphere. The inset highlights the propionate
pocket of ThDyP, which is proposed as the main heme-access channel for reducing substrates.

4.2.6 Investigations of positive cooperativity (Publication I1)

The atypicality of ABTS oxidation kinetics was not solely limited to substrate inhibition by
ABTS, but further complicated by apparent positive cooperativity of ABTS. Apparent
positive cooperativity was observed only at higher H202 concentrations (25-1000 uM)
and not at lower H202 concentrations (1.0-10 uM) (Figure 9A; Publication Il, Fig. 1A).
Additionally, it was not seen in the oxidation of other reducing substrates
(hydroquinones and dyes). Varying H202 concentration did not lead to the observation
of positive cooperativity (Figure 9B; Publication I, Fig. 1B). Kinetics displaying positive
cooperativity was analyzed using non-linear regression analysis of the data according to
the empirical Hill equation (Equation 6). Data points showing substrate inhibition were
excluded from the analysis of this kinetics data. An average h value of 2.0 £ 0.1
(Publication Il, Fig. S1) was measured for the series made at different H20:
concentrations. The kinetic parameters for H202 and ABTS are shown in Publication 1I,
Table S1 and Table S2, respectively.

According to the classic understanding of cooperativity, multiple binding sites and
subunits could explain this phenomenon. In the case of ThDyP, the catalysis of the
oxidation of ABTS can occur directly in the heme cavity (Figure 9A; Publication Il, Fig. 4A)
or potentially at surface sites of the enzyme via LRET. Additionally, PISA analysis of the
crystal structure model suggests that ThDyP forms a dimeric structure. The theoretical
molecular weight of ThDyP is 45 kDa. The results of gel filtration aligned with the findings
of PISA analysis, revealing a prominent peak with an apparent molecular weight of
76 kDa (Publication Il, Fig. S7). Therefore, dimeric structure of ThDyP could explain the
observed cooperativity with the h value of 2.
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4.2.7 Model explaining positive cooperativity together with substrate
inhibition (Publication Il)

While classic explanations of cooperativity could not be entirely ruled out, it is
noteworthy that apparent positive cooperativity was observed exclusively with ABTS
(Figure 9A; Publication Il, Fig. 1A). In comparison to other tested reducing substrates,
ABTS is a one-electron donor, while hydroquinones and dyes are two-electron donors.
It is important to note that the reduction of Cpd | back to the resting state enzyme
requires two electrons, and DyPs can also utilize the shunt pathway. In this pathway,
Cpd Il is bypassed, allowing Cpd | to revert directly to the resting state enzyme through a
two-electron reduction (Figure 4; Publication Il, Fig. 2A). However, this mechanism is only
feasible with substrates that can donate two electrons, which excludes ABTS (Publication
Il, Scheme 1). We proposed that the apparent positive cooperativity is due to the
formation of a productive complex involving two single-electron-donating substrates,
like ABTS (Figure 12A; Publication Il, Fig. 5). As in Figure 10, this model also assumes that
substrate inhibition arises from the competitive binding of ABTS and H20: to the resting
state heme of ThDyP (Figure 10; Publication IlI, Fig. 5A). This mechanism was solved,
yielding a rate equation (Equation 11). The kcat and equilibrium constants are defined in
Figure 12A; Publication Il, Fig. 5A.

v _ _dlH,0,] __dIP] _

E, dt dt
= keatlS1*[H20,] Equation 11
- kcatKH,0 11\ kcatKssK [H204] \, kcatK.
2 N 2921012 N catBSSB Sy ! 2U2 KcathtSSt
[S12[H2 021+ Ko [s] <1TK1'(S) T kred [H20-] 1TKi(H202)/T Krod [S1[H20,]

In equation 11, [P] denotes the concentration of the one-electron-oxidized product.
In the series where positive cooperativity with ABTS was observed, this equation
appropriately describes the results related to the oxidation of ABTS (Figure 11,
Publication 1l, Fig. 5B). The squared term of substrate concentration in the nominator
accounts for the ability of Equation 11 to accommodate the apparent positive
cooperativity. Our experimental findings, which yielded an h value of 2 (Publication II,
Fig. S1), support the notion that the oxidation of ABTS involves the simultaneous binding
of two ABTS molecules.
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Figure 12. Kinetic mechanism of ThDyP catalysis. (A) In this mechanism, Cpd Il does not form, and
Cpd | is directly reduced back to the resting state via a simultaneous two-electron transfer from the
substrate. For single-electron donors like ABTS, this involves the formation of a Cpd | complex with
two substrate molecules (E;)SS) (the reduction pathway indicated by the solid arrow). In contrast,
for two-electron donating substrates such as hydroquinones and anthraquinone dyes, the E;)SS
complex is not required (krq pathway indicated by the dashed arrow). The rate and equilibrium
dissociation constants used to derive Equation 11 and Equation 12 are detailed in the panel. (B) The
data are shown from Figure 8 (Publication I, Fig. 1A), excluding the series with [H.0;] < 10 uM
where positive cooperativity was not observed, for clarity. The solid lines represent the non-linear
regression analysis of the dependence of the initial rates of ABTS oxidation on [ABTS] according to
Equation 11.

Positive cooperativity was not observed with other tested reducing substrates, which
differ from ABTS by their ability to donate two electrons. For these substrates, there is
no requirement for the enzyme complex with two substrate molecules. The route
indicated by the dashed arrow can be used (Figure 12A; Publication I, Fig. 5A), leading
to a simplified Equation 12.

v d[H;0,] _d[P]

E, dt dt
B kcat[S1[H20;] Equation 12
= kearK, [S1 | keacK. [H,0,]

S1[H,0,] + —4—2% ”2025<1+ >+MH0 <1+#>

[S][Hz0,] + =5 =2 ST (1 + g )+ e S (2051 (14 g 2=

Note that in Equation 12, [P] represents the concentration of the two-electron-oxidized
product. Equation 12 lacks the squared term of substrate concentration in the numerator
and thus cannot account for positive cooperativity. Compatibly, no positive cooperativity
was observed in the oxidation of two-electron-donating substrates (MHQ, DMHQ, RB4,
and RB19) by ThDyP (Figure 9C, E; Publication Il, Fig. 1C, E).

4.2.8 Dependence of the activity on the concentration of ScDyPB (Publication Ill)
Activity measurements were conducted with two substrates, ABTS and MHQ, using
different concentrations and pH in the enzyme working stock (enzyme stock solution to
be diluted in the cuvette) (Figure 13; Publication Ill, Fig. 2). In activity measurements with
ABTS, significantly higher activities were observed when the reaction was initiated with
enzyme stock solution prepared in sodium acetate (NaAc) at pH 4.0 compared to Tris-HCI
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pH 7.5 buffer (Figure 13A; Publication Ill, Fig. 2A). When varying the concentration of the
enzyme in the working stock while keeping the concentration in the cuvette constant,
the activity plateaued as the concentration of ScDyPB in the working stock increased.
The apparent half-saturating concentration of ScDyPB in the pH 4.0 working stock was
0.03 uM, approximately 13-times lower than that in the pH 7.5 working stock (Figure
13C; Publication I, Fig. 2C).
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Figure 13. Dependence of the enzymatic activity on the concentration of ScDyPB in the cuvette
and working stock. All reactions were performed in NaAc buffer (50 mM, pH 4.0). (A) and (B) show
the rates of the oxidation of ABTS and MHQ, respectively, at varying concentrations of ScDyPB in
the cuvette. The concentration of ScDyPB in the working stock and its pH are indicated in the figure.
Solid lines represent linear regression of the data. (C) shows the dependence of the ABTS-oxidizing
activity of ScDyPB on its concentration in the working stock. The pH of the working stock is indicated
in the figure. The concentration of ScDyPB in the cuvette was 15 nM. Working stocks of ScDyPB,
with concentrations ranging from 30 nM to 5 uM, were prepared at pH 4.0 and pH 7.5. Data are
presented as average values from three independent experiments (n = 3).

The higher activity observed in reactions initiated from working stocks with higher
enzyme concentrations can be attributed to the enzyme being active as an oligomer.
Control experiments (Publication Ill, Fig. S1) suggested that the equilibrium established
between different oligomerization states is not rapidly achieved, at least not within the
timeframe of the reaction occurring in the cuvette, and that the higher oligomeric state
is maintained during activity measurements. These results imply that the higher
oligomeric state is favored for the oxidation of ABTS (Figure 13C; Publication lll, Fig. 2C)
and that its formation is enhanced by lower pH (Figure 13A, C; Publication Ill, Fig. 2A, C).
Unlike with ABTS, higher activity with MHQ was noted when the enzyme stock was
prepared in Tris-HCl buffer at pH 7.5, suggesting that increased oligomeric forms may
reduce MHQ oxidizing activity and that lower oligomeric forms are preferred for MHQ
oxidation. However, no enzyme working stock concentration-dependent effect was
observed when using MHQ as the reducing substrate (Figure 13B; Publication Ill, Fig. 2B).
It is thus possible that different forms of ScDyPB may be responsible for the oxidation of
ABTS and MHQ.

The pH of the ScDyPB working stock had distinct effects on the oxidizing activity of
ABTS and MHQ (Figure 13A, B; Publication lll, Fig. 2A, B). In addition to pH, we investigated
the influence of various additives in the enzyme’s working stock. Among these, only
the addition of 1.0 M ammonium sulfate significantly affected oxidation of ABTS and
MHQ. Specifically, ammonium sulfate led to an approximately twofold increase in ABTS
oxidation rate, while MHQ oxidation decreased roughly fourfold (Publication Ill, Fig. 3).
The contrasting effects of ammonium sulfate on the catalytic activities with ABTS and
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MHQ mirrored the opposite pH effects observed in the working stock (Figure 13A, B;
Publication Ill, Fig. 2A, B), once again suggesting the involvement of different oligomeric
forms of ScDyPB in the oxidation of ABTS and MHQ.

4.3 Analysis of the size distribution of ScDyPB (Publication Ill)

Our objective was to determine the potential oligomeric forms of ScDyPB under different
conditions. Both size exclusion chromatography (SEC) and DLS analyses confirmed
that ScDyPB exists as a mixture of oligomeric forms of varying sizes. SEC analysis
showed that ScDyPB exists as a mixture of monomers (36 kDa) and trimers at pH 7.5,
along with a notably larger molecular species likely corresponding to aggregates
(Figure 14A).

DLS analysis indicated that the oligomeric composition of ScDyPB is complex, existing
as a diverse blend of particles ranging in size from 9 nm to over 4 um. The core
dimensions of a ScDyPB monomer (PDB ID: 4GU7) are 6 x 5 x 4 nm. The majority of
ScDyPB was observed as oligomers with an average size of approximately 10 nm
(Figure 14C; Publication Ill, Fig. 5C, Table 1). Additionally, DLS analysis confirmed that
the presence of ammonium sulfate led to an increase in the average size of ScDyPB
oligomers (Figure 14C; Publication IlI, Fig. 5C, Table 1). The size of ScDyPB oligomers was
highest at pH 7.5 in the presence of ammonium sulfate, followed by pH 4.0 and pH 7.5
without ammonium sulfate (Figure 14B, C; Publication llI, Fig. 5B, C, Table 1). However,
while DLS provided estimates of average sizes of different oligomeric forms
(approximately 10 nm) under various conditions, it was not possible to precisely identify
the exact oligomeric states of ScDyPB.
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Figure 14. Analysis of the size distribution of ScDyPB. (A) Gel filtration chromatogram of ScDyPB
at pH 7.5. Black squares indicate the elution volumes of standard proteins: ferritin (440 kDa),
aldolase (158 kDa), conalbumin (75 kDa), and ovalbumin (44 kDa). The red line represents the linear
regression of the mobility of these standard proteins used for calibration, and the red square marks
the expected elution volume of the ScDyPB monomer. (B, C) DLS analysis of ScDyPB at pH 4.0, at
pH 7.5, and at pH 7.5 supplemented with 1.0 M ammonium sulfate, as indicated in the plots, based
on intensity (B) and volume (C). Each trace represents the average of at least four consecutive
scans.
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4.4 ScDyPs acting on organosolv lignin (Publication 1)

The ligninolytic activities of three ScDyPs were assessed using two different organosolv
lignins sourced from perennial grass Mxg and aspen (Populus tremula). The lignins were
incubated with ScDyPs for 24 h, then centrifuged, and the resulting pellets were analyzed
with GPC to determine the molecular weight distributions of both enzymatically treated
and untreated lignins. Additionally, the supernatants from the lignin treatments were
analyzed using GC-MS to identify the most prominent LMW compounds.

Given that enzymatic treatment with ScDyPs showed no discernible effect at acidic
pH, a range of pH conditions, from acidic to alkaline, was tested. The enzymes exhibited
the highest activity on lignin within the pH range of 7.5 to 8.5, with optimal activity
observed around pH 8.5 (data not shown). GPC results of ScDyP-treated lignins
highlighted differences among the subfamilies of DyPs on Mxg and aspen lignin
(Figure 15; Publication |, Table 4, Fig. 5). Treatment with ScDyPs from subfamily A had
no significant impact on the molecular weight distribution of Mxg-lignin; however,
these DyPs were effective at depolymerizing aspen lignin, with ScDyP2A showing
the highest activity and resulting in approximately a 20% reduction in the weight-average
molecular weight (Mw). In contrast, ScDyP1A was less efficient. Treatment with ScDyPB
did not affect the Mw of aspen lignin but did increase the polymerization of Mxg-lignin
by up to 19%.

A Mxg-lignin
Without treatment
+ ScDyP1A
+ ScDyP2A
+ ScDyPB

Relative intensity (mAU)

0O 8 9 10 11 12 13 14 15 16 17 18 19 20 21
Retention time (min)

22 23 24

~| B Aspen lignin
2 Without treatment
£ + ScDyP1A
= + ScDyP2A
% + ScDyPB
£
[
E
kS
[5]
o

= 1

0O 8 9 10 11 12 13 14 15 16 17 18 19 20 21 22 23 24
Retention time (min)

Figure 15. GPC analysis of lignin. (A) GPC chromatogram of Mxg-lignin and (B) aspen organosolv
lignin treated with ScDyP1A (black), ScDyP2A (red), and ScDyPB (blue). 1 mg/mL of lignin in HEPES
buffer (50 mM, pH 8.0) was treated with 10 uM of ScDyPs, 2 mM H,0; for 24 h, at 28 °C. The
reaction mixtures and controls were centrifuged, lyophilized, dissolved in tetrahydrofuran, and
analyzed using GPC.

Based on the GC-MS results, the soluble LMW fraction of Mxg-lignin predominately
consisted of H-units, with fewer G-units, and a minor presence of S-units. In contrast,
aspen lignin was predominately composed of S-units, with fewer G-units, and a minimal
proportion of H-units (as determined by the integrated peak area). When comparing the
supernatants of enzymatically treated lignin with those of untreated lignin, treatment
with all ScDyPs produced similar effects. The enzymatic treatment reduced the amount
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of LMW compounds in the supernatants of both organosolv lignins (Publication |, Table 5).
Notably, ScDyPB had the most significant impact on monolignols. After the treatment
with ScDyPB, 91-98% of the peak area disappeared or was undetected altogether in the
Mxg-lignin supernatant. Overall, ScDyPs can be considered lignin-active enzymes capable
of remodeling organosolv lignin.
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5 Discussion

5.1 The non-conventional kinetics of DyPs

Even a quarter-century after their discovery, DyPs continue to captivate researchers,
offering numerous opportunities for further investigation. The challenge in understanding
DyPs lies in elucidating the molecular mechanisms responsible for their non-MM kinetics.
Several studies, including Publications I-lll, demonstrate that the kinetics of DyPs can be
complex. This complexity is exemplified by substrate inhibition by H202 (Publications
I-111), substrate inhibition by the reducing substrate (Publications Il and Ill), and apparent
positive cooperativity (Publication II). In publications ll-lll, we aimed to understand the
molecular mechanisms behind the substrate inhibition, apparent positive cooperativity,
and the observed apparent biphasic kinetics.

5.1.1 Substrate inhibition

The in-depth kinetics of ABTS oxidation by ThDyP presents a complex example of atypical
DyP kinetics, demonstrating both substrate inhibition and positive cooperativity.
Substrate inhibition refers to the reduction in enzymatic activity due to an excess of
substrate, which occurs after the maximum turnover rate has been reached. For enzymes
that follow ping-pong kinetics, substrate inhibition occurs when the substrate binds to
the wrong form of the enzyme. In the case of heme peroxidases, the wrong form for the
reducing substrate is the resting state, while for H20, it is Cpd | (or Cpd II). In ThDyP,
the initial rates of oxidation of ABTS exhibited substrate inhibition by both ABTS and H202
(Figure 9; Publication Il, Fig. 1A and Fig. 1B, respectively). Substrate inhibition by ABTS
was also observed in ScDyPs (Publication I, Table 3, Figure 8A; Publication Ill, Fig. 4A).
Inactivation of ThDyP by H:0: indicates that it binds to Cpd | (Publication II, Fig. 3A).
Our findings suggest that ABTS and H202 compete for Cpd I. Therefore, the substrate
inhibition by H202 results from the formation of a non-productive complex between Cpd
I and H202 (Publication Il and Ill). We propose that the wide heme access channel allows
direct contact with the heme. In that case, ABTS binds to the resting state of the enzyme
and competes with H20: for binding to the resting state, leading to substrate inhibition
(Publication Il). Substrate inhibition by one substrate became more pronounced at lower
concentrations of the other substrate: inhibition by ABTS at lower H.0, concentrations
(Figure 9A; Publication Il, Fig. 1A) (Figure 8A; Publication Ill, Fig. 4A, Fig. S2A) and by H,0>
at lower ABTS concentrations (Figure 9B; Publication Il, Fig. 1B). This is another
characteristic kinetic feature of enzymes that exhibit a ping-pong mechanism.

It has been shown that ABTS can protect the enzyme from H20: inactivation only when
the ratio of ABTS to H202 remains high [164]. In the case of ThDyP, inactivation requires
approximately 4.6 + 0.9 molecules of H,0: (Publication I, Fig. 3A). To our knowledge,
the presence of the Cpd Ill pathway or catalase-like activity has not been demonstrated
in DyPs, including ScDyPs and ThDyP (Publications I-lll). Therefore, DyPs lack this form of
enzyme protection. As a result, the stoichiometry of inactivation in DyPs is more
comparable to that of enzymes that also do not exhibit catalase activity [72].
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5.1.2 Positive cooperativity

The classic explanation of cooperativity involves multiple active sites or is associated with
multimeric enzymes. It is a phenomenon in which the binding of a substrate to one active
site of a protein affects the binding affinity and/or turnover of subsequent substrate
molecule at the other active site (cooperation between binding sites). In cytochrome
P450, it has been shown that the reason behind cooperativity is the simultaneous binding
of multiple substrates [180]. A measure of the degree or extent of cooperativity in
enzyme-substrate binding is represented by h value. If h = 1, there is no cooperativity;
however, if h > 1, it indicates positive cooperativity. Furthermore, when the h = 2,
a maximum of two active sites or subunits are involved. In the case of ThDyP, an average
h value of 2.0 + 0.1 was observed (Publication Il, Fig. S1). The structure of ThDyP is dimeric
(Publication Il). Therefore, the classic explanations of positive cooperativity remain valid,
the dimeric structure, along with the presence of multiple binding sites and the possible
binding of ABTS to these sites, provide a plausible explanation for the observed positive
cooperativity. However, we proposed an alternative mechanism. No one has yet
demonstrated the existence of allosteric inhibitors and activators for DyPs, which are
typically associated with conventional cooperative enzymes. Additionally, positive
cooperativity was not observed with two-electron-donating substrates. Therefore, we
suggested an explanation for the apparent cooperativity: the kinetic mechanism assumes
that Cpd Il is not formed and two ABTS molecules must bind to Cpd | simultaneously.
The apparent positive cooperativity arises from the formation of a productive complex
involving two one-electron-donating substrates (Figure 12; Publication I, Fig. 5).
In Equation 11, the squared term of ABTS concentration in the nominator accounts for
the apparent positive cooperativity and defines the h value of 2.

5.1.3 Biphasic kinetics

The oxidation of ABTS by ScDyPB is particularly interesting, as it exhibits biphasic kinetics.
Biphasic kinetics have been attributed to the presence of multiple enzyme binding
sites with distinct Km and Vmax values [181], or, as observed in versatile peroxidase,
to the existence of both low- and high-efficiency catalytic sites [182]. Unfortunately,
the mechanisms mentioned above could not account for the kinetics of ABTS oxidation
by ScDyPB, specifically small “kink” in the initial rates versus [ABTS] curves observed
around the ABTS concentrations of 0.1-0.2 mM (Figure 8A; Publication Ill, Fig. 4A).
We proposed that ScDyPB exists in two kinetically distinct, independent enzyme forms.
The simplest kinetic model that could describe the observed “kink”, was the combination
of classic ping-pong kinetics (form 1) and ping-pong kinetics with substrate inhibition by
ABTS (form IlI). It was represented as a sum of two steady-state rate equations.
By assuming that the two enzyme forms differ only by the presence of substrate
inhibition by ABTS in form Il, we were able to estimate the relative abundance of each
enzyme form using global non-linear regression analysis according to Equation 8
(Publication 1lI). The non-substrate-inhibited form (0.18 + 0.01) had much lower
abundance compared to the inhibited form (0.82 + 0.01). Biphasic kinetics were also
observed at pH 4.0 as well as at pH 7.5, which suggests that ScDyPB exists in two enzyme
forms at different pH values.
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5.2 Oligomeric states of DyPs

Type A DyPs have been reported to exist as monomers and dimers [99, 100, 104, 121,
126, 183], but also as tetramers and octamers [121]. In our research, we demonstrated
that the most probable oligomeric state of ThDyP (a type A DyP), based on crystal
structure and SEC analysis, is a dimer (Publication Il). Although the impact of the
oligomeric form of ThDyP on its catalytic activity was not examined, the heme is not
situated at the oligomerization interface, and its accessibility is not hindered by
oligomerization. Crystal interface analysis using PISA, which predicts the native
oligomeric state of the enzyme, suggests that ScDyP1A (PDB ID: 4GRC) and ScDyP2A (PDB
ID: 4GT2) also exist as dimers, however, the presence of other oligomeric forms remains
to be determined.

Type B DyPs have been found to form assemblies ranging from monomers to hexamers
[108, 112, 117, 118, 120, 127, 128, 133, 134]. According to PISA analysis, ScDyPB (PDB
ID: 4GU7) exists as a hexamer (a trimer of dimers). Although DLS analysis was unable to
determine the exact oligomeric state of ScDyPB (Publication Ill), it confirmed SEC results
indicating that ScDyPB exists as a mixture of different oligomeric forms. SEC analysis
revealed that ScDyPB has a molecular weight corresponding to something between a
dimer and a trimer (91 kDa), with a portion also corresponding to a larger molecular
weight (450 kDa). This finding aligns with a recent study by Luci¢ et al. 2024, which used
analytical ultracentrifugation and cryo-EM to show that DtpB, a homologous DyP,
primarily exists as a hexamer, but dimers and dodecamers are also present [184].
In Publication Ill, this larger form was thought to be an aggregate; however, it cannot be
excluded that the larger molecular weight may correspond to a dodecamer. This suggests
that ScDyPB may exist as both a dimer (theoretical size: 73 kDa) and a dodecamer
(theoretical size: 436 kDa). As there is no gene for an encapsulin protein encoded in
S. lividans as well as in S. coelicolor, these results illustrate that no encapsulin is required
to form such high oligomeric assembly, as was previously suggested [108].

Additionally, we demonstrated that the average size of ScDyPB was affected by pH
and the presence of ammonium sulfate (Figure 14; Publication lll, Fig. 5, Table 1).
According to DLS analysis, the presence of ammonium sulfate increased the average size
of ScDyPB (Publication Ill, Table 1), indicating that hydrophobic interactions may
contribute to the formation of oligomers. Changes in the protein’s net charge (e.g.,
induced by changes in pH) can cause electrostatic repulsion and disrupt hydrogen
bonding. The average size of ScDyPB also varied with pH, with a higher average size
observed at pH 4.0, suggesting that lower pH favors higher oligomeric states. This finding
contradicts the results of gel filtration for an A-type DyP from B. subtilis BsDyP, which
existed in similar oligomeric forms at both neutral and pH 4.0 [123].

5.2.1 Relationships between catalytic activity and degree of oligomerization
of ScDyPB

Although the existence of DyPs in different oligomeric forms is well reported, a very little
is known about the relationships between the degree of oligomerization and catalytic
activity. The activity of ScDyPB depended on the concentration of the enzyme working
stock used for starting the reaction and the substrate used for the activity measurement
(Figure 13; Publication lll, Fig. 2). When higher activity is observed using a higher enzyme
stock concentration, it suggests that the enzyme is active as an oligomer as the formation
of higher oligomeric forms is favored. This was seen only with ABTS, the higher working
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stock concentration did not result in increased MHQ oxidizing activity. The presence of
1 M ammonium sulfate in the working stock increased the ABTS oxidizing activity but
decreased the MHQ oxidizing activity (Publication Ill, Fig. 3). Furthermore, the activity of
ScDyPB depended on the pH of the enzyme working stock, and the effects were
differential depending on the substrate used. The ABTS oxidizing activity was higher
when the enzyme was prepared in a working stock at pH 4.0 compared to pH 7.5
(Figure 12; Publication lll, Fig. 2A). Conversely, the opposite trend was observed with
MHQ, where higher activity was seen when the enzyme was from the working stock
prepared at pH 7.5 (Figure 12; Publication Ill, Fig. 2B). As mentioned previously, DLS
analysis indicates that the lower pH and the presence of ammonium sulfate promote a
higher oligomeric state of DyP (Figure 14; Publication lll, Fig. 5, Table 1). Therefore,
higher oligomeric forms appear to favor ABTS oxidation, which is promoted by the lower
pH of the working stock, whereas lower oligomeric forms favor MHQ oxidation. These
results suggest that different oligomeric forms may play distinct roles in the catalysis of
ABTS and MHQ oxidation. The findings from these activity measurements (Figure 13,
Figure 14; Publication Ill, Fig. 2, Fig. 3), along with the analysis of size distribution of
ScDyPB, allowed us to propose a model involving different oligomeric forms.
Our model (Figure 16; Publication Ill, Fig. 6B) is based on four key assumptions:

(i) ScDyPB exists in two enzyme forms: one with a high degree of
oligomerization (HDO) and another with a low degree of oligomerization
(LDO).

(ii) ABTS can be oxidized via LRET at the surface binding site, whereas the

oxidation of MHQ requires direct contact with Cpd I.

(iii) ABTS causes substrate inhibition by competing with H202 for binding to the
heme resting state, thereby hindering the formation of Cpd I.

(iv) Both ABTS and MHQ can directly access the heme and Cpd | only in the LDO
form. H202 can access the heme in both LDO and HDO forms of ScDyPB.
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Figure 16. The schematic representation of mechanism for the oxidation of ABTS and MHQ by
ScDyPB, as proposed in Publication Ill. ScDyPB exists as an equilibrium of two kinetically different,
LDO and HDO forms. For the sake of simplicity, the LDO and HDO forms are represented as
monomers and dimers, respectively.

ScDyPB has a channel leading to the heme that is accessible to reducing substrates in
the LDO form. The proposed model assumed that this access is obstructed in the HDO
form. Although oxidation of ABTS can occur in the HDO form, the oxidation of MHQ is
only possible in the LDO form and is suppressed in the HDO form. Non-productive binding
of ABTS to the enzyme’s resting state, leading to substrate inhibition by ABTS, occurs only
in the LDO form. Consequently, the oxidizing activity of ABTS increases as substrate
inhibition is relieved in the HDO form. In this model, HDO and LDO forms would
correspond to enzyme forms I and Il in Equation 7, respectively. However, since the heme
access channel is blocked in the HDO form, the oxidizing activity of MHQ decreases. It is
important to note that potential substrate inhibition by MHQ and the direct oxidation of
ABTS (without using LRET) were not considered in this model for simplicity, as they do
not influence the overall outcome. Although consistent with our results, this mechanism
would require further studies.



A recent study by Luci¢ et al. 2024 on the oligomeric states of DyPs from S. lividans
and their impact on substrate oxidation provides some insights. S. lividans is highly
similar to S. coelicolor, with the type B DyP, DtpB, sharing 94% similarity to ScDyPB. DtpB
exists as a mixture of hexamer, dimer, and dodecamer. In DtpB, the access channels to
and from the heme are accessible in different oligomeric states, including the
dodecamer. However, it was proposed that the low activity of DtpB with synthetic dyes
may partly be attributed to their inability to pass through the access channels in the
hexamer, preventing them from approaching the heme, as well as to the absence of a
LRET pathway [184]. If the HDO form corresponds to a hexamer, the heme is still
accessible, as the heme is not positioned at the oligomerization interface (Publications Il
& IIl). However, if the heme is accessible to the reducing substrate in the dodecamer of
ScDyPB, then the HDO form cannot correspond to a dodecamer. Further studies on the
catalytic activity of DyPs with varying degrees of oligomerization are needed to
determine whether our proposed model is true.

5.3 Activity on organosolv lignin

S. coelicolor is a Gram-positive bacterium known for utilizing laccases for lignin
degradation [2]. We hypothesized that an ensemble of DyPs might also be necessary for
lignin degradation. To test this hypothesis, we characterized three ScDyPs and assessed
their effects on lignin. Our results demonstrated that ScDyPs were active on lignin.
ScDyPAs were capable of depolymerizing lignin derived from aspen biomass, while the
opposite effect was observed with ScDyPB. The treatment of Mxg biomass-derived lignin
with ScDyPB led to lignin polymerization (Figure 15; Publication |, Fig. 5). This outcome is
not uncommon due to the involvement of reactive radical species [185].

ScDyPB, which exhibited the highest activity in oxidizing ABTS, had the greatest impact
on monolignols, significantly reducing the amount of these LMW compounds in the
supernatant of Mxg-lignin. Only 2-9% of the peak area was retained after treatment or,
in some cases, was even rendered undetectable. Most likely, as the soluble LMW
compounds are oxidized and the generated radicals combine with insoluble lignin, these
compounds remain in the pellet fraction after centrifugation. These results suggest that
ScDyPs could be an effective tool for removing LMW phenolic compounds. While GC-MS
analysis did not determine the complete content of monolignols, it provided a potential
explanation for the results of size distribution analysis. Since Mxg-lignin contains more
H-units than aspen lignin, it seems that a higher number of H-units enhances
(re)polymerization by increasing crosslinking potential. In summary, DyPs from S. coelicolor
can be considered lignin-active enzymes capable of remodeling organosolv lignin.
Even if their application on lignin may not be highly effective, DyPs could replace classic
peroxidases for other applications, such as dye degradation or even immunoassays [186].
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Conclusions

This thesis contributes to the understanding of DyPs by studying A- and B-type DyPs from
the Gram-positive bacteria S. coelicolor and T. halotolerans, providing novel insights into
the relationship between the oligomeric state and kinetic properties, as well as the
mechanisms underlying the non-conventional kinetics of these enzymes and their
activity on lignin.

The main conclusions are as follows:

e Non-productive complexes with H202and reducing substrate are responsible for
substrate inhibition.

e  Productive complex with two single-electron donating substrate molecules may
be responsible for apparent positive cooperativity observed with ThDyP.

e ScDyPB exists as a mixture of enzyme forms with different degrees of
oligomerization and different kinetic properties.

e  ScDyPs can modify organosolv lignin; ScDyPB can polymerize grassy biomass-
derived lignin and ScDyPAs can depolymerize hardwood-derived lignin.
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Abstract

Characterization of bacterial dye-decolorizing peroxidases

Lignocellulosic biomass is widely distributed in nature and serves as a renewable carbon
source. It consists of three biopolymers: cellulose, hemicellulose, and lignin. Cellulose is
extensively utilized in the wood and paper industries, as well as in biorefineries. During
these industrial processes, lignin is generated as a by-product and is typically burned for
energy production. To date, the potential of polyphenolic lignin as a starting material for
the chemical industry has been recognized. However, the utilization of lignin is
complicated by its complex and heterogeneous structure. In nature, lignin is broken
down by various fungi and bacteria that use a rich collection of enzymes. These same
enzymes could be harnessed in industrial processes to break down lignin into smaller
fragments, facilitating its further use. Dye-decolorizing peroxidases (DyPs) continue to
attract research interest due to their ability to degrade lignin. In my research, | studied
four different bacterial dye-decolorizing peroxidases (DyPs): three DyPs from the soil
bacterium Streptomyces coelicolor (ScDyP1A, ScDyP2A, ScDyPB) and one from the
bacterium Thermobifida halotolerans (ThDyP).

DyPs are heme-dependent enzymes that catalyze the oxidation of various substrates
using hydrogen peroxide. These enzymes operate via a ping-pong mechanism,
alternating between the resting state and the reactive intermediate states known as
compound | (Cpd I) and compound Il (Cpd Il). Enzyme kinetics is crucial for characterizing
and understanding the potential of enzymes. While enzymes are typically described using
Michaelis-Menten kinetics, the kinetics of DyPs is often more complex and exhibits
substrate inhibition as well as apparent positive cooperativity. One of the aims of my
doctoral thesis was to investigate molecular mechanisms underlying the unusual kinetics
of DyPs. 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) was used as the
main model substrate, along with dyes and hydroquinones. Oxidation of ABTS was
substrate inhibited by ABTS in the case of both ThDyP and ScDyPB, whereas substrate
inhibition by H202 was observed only in the case of ThDyP. The irreversible inactivation
of DyPs upon incubation with H202 in the absence of a reducing substrate suggests that
a non-productive complex forms between H202and Cpd I. A non-productive complex also
forms between ABTS and the resting state ThDyP. We concluded that non-productive
complexes between ABTS and the resting state of the enzyme, as well as between H202
and Cpd 1 / Cpd Il, are responsible for the substrate inhibition. The kinetics of ThDyP was
further complicated by the presence of apparent positive cooperativity. This
cooperativity was observed with a substrate capable of donating only one electron
(ABTS), but not with substrates that can donate two electrons (such as hydroquinones
and dyes). We proposed a hypothesis that the positive cooperativity arises from the need
for ThDyP to bind two ABTS molecules simultaneously. We solved the crystal structure
of ThDyP (PDB: 8CK9), which, along with gel filtration chromatography results, indicates
that ThDyP exists as a dimer in its native form. Therefore, the usual cooperative
mechanisms involving the true “cooperation” between two subunits cannot be excluded.

DyPs can exist as monomers as well as larger oligomers. However, very little is known
about the relationships between the degree of oligomerization and catalytic activity of
DyPs. To investigate whether such a connection exists, we conducted a comprehensive
kinetic and size distribution analysis of ScDyPB, using ABTS and methylhydroquinone
(MHQ) as reducing substrates. For both substrates, there was an unusual activity
dependence of enzyme reactions on the concentration and pH of the enzyme working
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stock used to initiate the reactions. In addition, the effects on enzyme activity were
opposite depending on the substrate (ABTS or MHQ). For example, lowering the pH of
the enzyme working stock from 7.5 to 4.0 resulted in an increase in ABTS oxidation
activity, while the oxidation activity of MHQ decreased. We proposed that the oxidation
of these substrates involves different mechanisms. MHQ is oxidized in direct contact with
heme, while the oxidation of ABTS can also occur on the protein surface through the
electron transfer pathway between the protein surface and heme. The dependency of
the rate of the oxidation of ABTS on its concentration was best described by a model in
which ScDyPB exists as two kinetically distinct enzyme forms. Both forms operate via the
ping-pong mechanism, but one is substrate-inhibited by ABTS, while the other is not. Gel
filtration chromatography and dynamic light scattering revealed that ScDyPB exists as a
mixture of molecules of different sizes. We proposed a simplified model in which ScDyPB
exists as an equilibrium mixture of low and high oligomerization forms with different
kinetic properties. Moreover, the equilibrium of these two forms is influenced by the
concentration of the enzyme in solution and the pH. This work paves the way for a better
understanding of the role of oligomerization in DyPs.

DyPs are of particular interest to our research group due to their ability to act on lignin.
We tested ScDyPs on organosolv lignins derived from both hardwood and herbaceous
biomass. The lignin was dissolved and incubated overnight with ScDyPs, after which we
analyzed the size distribution and molecular weight changes of the lignins using gel
permeation chromatography. Our results showed that ScDyPB treatment led to the
polymerization of lignin from herbaceous plants, while treatment of hardwood lignin
with ScDyPAs resulted in a decrease in molecular weight. Additionally, we examined the
soluble fractions of lignin from these same treatments using gas chromatography-mass
spectrometry. We observed a reduction in the amount of soluble monolignols in the
lignin supernatant following ScDyP treatment. These findings demonstrate that ScDyPs
are effective in utilizing lignin as a substrate.
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Liihikokkuvote

Bakteriaalsete varvi pleegitavate peroksiidaaside
iseloomustamine

Lignotselluloosne biomass on looduses laialdaselt levinud taastuv sisinikuallikas, mis
koosneb kolmest biopoliimeerist: tselluloosist, hemitselluloosist ja ligniinist. Tselluloosi
kasutatakse puidu- ja paberitdostuses ning biorafineerimistehastes. Nende
toostusprotsesside kdigus tekib kdrvalproduktina ligniin, mis enamasti pdletatakse
energia tootmiseks. Pollifenoolne ligniin on keemiatddstuse jaoks (alg)materjalina
vadrtuslik allikas, kuid selle kasutamist raskendab tema keeruline ja heterogeenne
struktuur. Looduses lagundavad ligniini mitmed seened ning bakterid, kasutades selleks
erinevate ensiiimide abi. Neid samu ensliime saaks rakendada tdostuslikes
protsessides, et ligniin teha vaiksemateks fragmentideks ja hdlbustada sellega ligniini
edasist kasutamist. Varvi pleegitavad peroksldaasid (DyP-d) on jaanud teadlaste
huviorbiiti just tdanu oma vdimele lagundada ligniini. Oma doktoritéds uurisin nelja
erinevat bakteriaalset DyP peroksiidaasi: kolm DyP-d mullabakterist Streptomyces
coelicolor (ScDyP1A, ScDyP2A, ScDyPB) ja liks bakterist Thermobifida halotolerans
(ThDyP).

DyP-d on heem-séltuvad ensililimid, mis katallilisivad mitmete erinevate substraatide
okslidatsiooni, kasutades selleks vesinikperoksiidi. Need enstiimid to6tavad ping-pong
mehhanismi alusel, kus DyP hiipleb edasi-tagasi puhkeoleku ja reaktiivsete vaheolekute,
Ghend | (Cpd 1) ja Ghend Il (Cpd Il), vahel. Nende ensliimide iseloomustamiseks ning
nende potentsiaali mdistmiseks kasutatakse ensliimkineetikat. Kui tavapdraselt saab
enstiime kirjeldada Michaelis-Menteni kineetika abil, siis DyP-de kineetika teeb
keeruliseks nii tihti esinev substraatinhibitsioon kui ka nailine positiivne kooperatiivsus.
Minu doktorito6 Uheks eesmargiks oli vidlja selgitada, millised molekulaarsed
mehhanismid tingivad DyP-de ebahariliku kineetika. P&hilise mudelsubstraadina
kasutasime Ghendit 2,2’-asiino-bis(3-etlitilbensotiasoliin-6-sulfoonhape) (ABTS), kuid ka
varve ja hidrokinoone. Nii ThDyP kui ka ScDyPB puhul inhibeeris ABTS iseenda
okslideerimist, H20: pd&hjustas substraatinhibitsiooni ainult ThDyP puhul. DyP-de
podrdumatu inaktiveerumine inkubeerimisel H:02-ga redutseeriva substraadi
puudumisel viitas sellele, et ThDyP ja ScDyPB puhul moodustub H202 ja Cpd | vahel mitte-
produktiivne kompleks. Samuti tekib mitte-produktiivne kompleks ABTS-i ja puhkeolekus
ThDyP vahel. Kokkuvdttes jareldasime, et substraatinhibitsiooni p&hjustavad mitte-
produktiivsed kompleksid ABTS-i ja ensiilimi puhkeoleku vahel ning H202 ja Cpd | / Cpd Il
vahel. ThDyP kineetika tegi veel keerukamaks nailine positiivne kooperatiivsus.
Kooperatiivsus esines substraadi puhul, mis on vdimeline loovutama vaid tGhe elektroni
(ABTS), kuid mitte nende substraatidega, mis saavad loovutada kaks elektroni
(htudrokinoonid ja varvid). Pakkusime vélja hiipoteesi, mille kohaselt on positiivse
kooperatiivsuse podhjuseks ThDyP vajadus seostada samaaegselt kaks ABTS-i molekuli.
Lahendasime ThDyP kristallstruktuuri (PDB: 8CK9). Kristallstruktuuri ning ka
geelfiltratsiooni pdhjal esineb ThDyP natiivsel kujul dimeerina, seega ei ole valistatud ka
tavaparased, kahe sublhiku koost66l pdhinevad kooperatiivsuse mehhanismid.

DyP-d voivad esineda nii monomeeridena kui ka suuremate oligomeeridena.
Varasemalt puudusid uuringud DyP-de oligomerisatsiooni ja kataliidtilise aktiivsuse
seose kohta. Selleks et vélja selgitada, kas selline seos esineb, viisime labi pdhjalikuma
ScDyPB kineetilise kui ka suuruse jaotuse anallilisi. Redutseerivate substraatidena
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kasutasime ABTS-i ja metuulhidrokinooni (MHQ). Md&lema substraadi puhul soltus
aktiivsus  reaktsioonide  kaivitamiseks  kasutatud ensiiimi  vahelahjenduse
kontsentratsioonist ning pH-st. Lisaks oli mdju ensiitimreaktsioonide aktiivsusele
vastupidised, séltuvalt kasutatud substraadist (ABTS voi MHQ). Naiteks pd&hjustas
enstimi vahelahjenduse pH alandamine 7,5-It 4,0-le aktiivsuse suurenemist ABTS-i
oksudatsioonil, samas kui MHQ okslideerimise aktiivsus hoopis langes. Saadud tulemuste
pohjal pakkusime vialja, et nende substraatide okslidatsioonil kasutatakse erinevaid
mehhanisme. MHQ oksldeeritakse vahetus kontaktis heemiga, kuid ABTS-i
oksudeerimine on vdimalik ka valgu pinnal, kasutades elektronide lilekande ahelat valgu
pinna ja heemi vahel. Kiiruse sdltuvus ABTS-i kontsentratsioonist oli kdige paremini
kirjeldatav mudeliga, mille kohaselt ScDyPB esineb kahe kineetiliselt erineva
enstiimivormina. Mdélemad vormid t66tavad ping-pong mehhanismi alusel, kuid (ks
neist on ABTS-i poolt substraatinhibeeritud, teine mitte. Geelfiltratsioonkromatograafia
ning diinaamilise valguse hajumise abil selgitasime valja, et ScDyPB esineb eri suurusega
molekulide seguna. Pakkusime valja lihtsustatud mudeli, milles ScDyPB esineb madala ja
kdrge oligomerisatsiooniastmega vormide tasakaalulise seguna, millel on erinevad
kineetilised omadused. Saadud tulemustega on tehtud esimesed sammud, et DyP-de
oligomerisatsiooni rolli paremini mdista.

DyP-d on meie uurimisrihma jaoks huvipakkuvateks ensliimideks nende aktiivsuse
téttu ligniinil. Katsetasime ScDyP-sid lehtpuu ning rohttaime biomassidest parit
organosolv-ligniinidel. Lahustatud ligniini inkubeerisime lile 66 ScDyP-de juuresolekul.
Ligniinide molekulmassi jaotust ja ensuimtddtluse mdju sellele analiiisisime
geelpermetatsioonkromatograafiaga. Nendest tulemustest Iahtus, et ScDyPB tootluse
tulemusena rohttaime ligniin polimeriseerub. Vastupidist efekti nagime lehtpuu ligniini
tootlemisel ScDyPA-dega, mille tulemusel ligniini molekulmass vadhenes. Samast
tootlusest parit ligniini lahustuvat fraktsiooni analllsisime gaasikromatograafia-
massispektromeetriaga. Nagime, et ScDyP-de toimel vaheneb monolignoolide hulk
ligniini lahustuvas fraktsioonis. Tehtud katsed naitasid, et ScDyP-d on vdimelised
kasutama ligniini substraadina.
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Publication |

Pupart, H.; Joul, P.; Bramanis, M. I.; Lukk, T. Characterization of the Ensemble of Lignin
Remodeling DyP-Type Peroxidases from Streptomyces coelicolor A3(2). Energies 2023,
16, 1557. https://doi.org/10.3390/en16031557.
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Abstract: Lignin is Nature’s major source of aromatic chemistry and is by many seen as the green
entry-point alternative to the fossil-based chemical industry. Due to its chemically recalcitrant
structure, the utilization of lignin is challenging, wherein enzymes might be the key to overcome this
challenge. Here, we focus on the characterization of dye-decolorizing peroxidases from Streptomyces
coelicolor A3(2) (ScDyPs) in the context of enzymatic modification of organosolv lignins from aspen
and Miscanthus x giganteus. In this study, we show that the ScDyPB can remodel organosolv lignins
from grassy biomass, leading to higher molecular weight species, while ScDyPAs can deconstruct
hardwood lignin, leading to an overall reduction in its molecular weight. Additionally, we show that
ScDyPB is effective in polymerizing low-molecular-weight phenolics, leading to their removal from
the solution.
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1. Introduction

Lignocellulosic biomass (LCB) is Earth’s most abundant renewable raw material [1].
This sustainable feedstock makes an attractive alternative to fossil-based resources to obtain
bio-based materials, second-generation biofuels, bioenergy, value-added products, and
chemicals [2—4]. LCB comprises three biopolymers: cellulose, hemicellulose, and lignin,
with a typical ratio of 4:3:3, which varies among different species [5,6].

Lignin represents the second most abundant natural polymer after cellulose and
constitutes the most abundant phenolic biopolymer on Earth [7]. Therefore, lignin is
by many seen as a green entry-point alternative to fossil-based sources for the chemical
industry [8,9]. The content of lignin varies significantly among hardwoods, softwoods, and
herbaceous plants, wherein the highest content of lignin is in softwoods and the lowest in
grasses [10].

Lignin is constructed from three monolignols—coniferyl alcohol, sinapyl alcohol, and
p-coumaryl alcohol—which differ by the degree of methoxylation. When incorporated into
lignin, those monolignols make up guaiacyl (G), syringyl (S), and hydroxyphenyl (H) units,
respectively (Figure 1) [7,11]. The composition and type of lignin depend on the plant
type. While softwood lignins primarily comprise guaiacyl units (G-type lignin), hardwood
lignins also contain syringyl units (G/S-type lignin). Lignins in grassy biomass are built up
from all three sub-units and, in addition to the previous two, contain substantial amounts
of hydroxyphenyl units (G/S/H-type lignin) [10,12].

Since monolignol coupling involves radicals, there are many possibilities for linkages
between lignin monomers. These sub-units are primarily connected by ether and carbon-
carbon linkages, wherein (3-aryl ether (3-O-4) linkages are the most common ones in
softwood and hardwood lignins, approximately 50% and 60%, respectively (Figure 1). C-C
linkages are less common in hardwood than in softwood lignins, as the additional methoxy
groups, chiefly in the S units, hamper the formation of these linkages [12,13].
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Figure 1. Lignin monomers with potential branchpoints marked with a dashed line; a structure of a
possible lignin fragment containing the 3-O-4 aryl ether linkage.

In addition to the source of lignin, the composition and molecular weight depend
on the extraction method [12]. Most of the technical lignins are obtained by recovery as
an industrial by-product [14]. The pulp and paper industries are the primary producers
of technical lignin generating 50-70 million tons annually [15]. In contrast to the more
traditional Kraft process, organosolv pulping utilizes organic solvents to dissolve lignin
from the biomass [12]. It is an potent method for biorefineries for the utilization of biomass
from hard- and softwoods as well as from grasses [12,16,17]. Organosolv lignin is highly
pure, homogeneous, sulfur-free, with low content of carbohydrates and ash, and has a
low molecular weight and dispersity. It is highly similar to native lignin, containing fewer
modifications, and has an increased number of aryl ether linkages. So far, this technology
has only reached pilot and demonstration scale, and not the industrial scale, mainly due to
the high cost of solvent recovery [6,12,18].

Approximately only 2% of industrial lignin leftovers are used for commercial prod-
ucts [4,19]. Instead of being a mere by-product, lignin could be a useful co-product to
produce valuable chemicals, such as vanillin [20]. Structurally extensively modified techni-
cal lignins with rearranged structures hinder its depolymerization into smaller fragments,
a crucial and critical step for lignin utilization [21,22].

In nature, lignin decomposition is accomplished by numerous organisms, such as
white-, brown-, and soft-rot fungi [23], and several Gram-positive and Gram-negative
bacteria, mostly Actinobacteria and Proteobacteria [24]. In addition to other Streptomycetes,
Streptomyces coelicolor has been identified as a lignin-degrading bacterial species, which
harbors genes responsible for the catabolism of naturally occurring phenolics [25].

Lignin degraders, in nature, employ sophisticated metabolic and enzyme systems
to attack and depolymerize lignin. Lignin-modifying enzymes, the key enzymes in
lignin depolymerization, are phenol oxidases (laccases, EC 1.10.3.2) and heme-containing
peroxidases—lignin-modifying peroxidases (LMPs): lignin peroxidase (LiP, EC 1.11.1.14),
manganese(-dependent) peroxidase (MnP, EC 1.11.1.13), and versatile peroxidase (VP,
EC 1.11.1.16). LMPs are part of the fungal class II heme-containing peroxidases in the
catalase-peroxidase superfamily. These three ligninolytic peroxidases share noticeably high
sequence identity and similarities in their structure [26,27].

Dye-decolorizing peroxidases (DyPs) also belong to LMPs but are phylogenetically
unrelated to other LMPs (LiP, MnP, and VP). These peroxidases have heme as the attached
prosthetic group and require hydrogen peroxide as the co-substrate that is reduced to
water during its catalytic cycle [28]. DyPs (EC 1.11.1.19), systematically reactive-blue-5:
hydrogen-peroxide oxidoreductases, were first identified in the fungus Bjerkandera adusta
(previously Geotrichum candidum 1 Dec) in 1999 [29], later in bacteria [26]. Because of
their distinctive structural and catalytic characteristics, DyPs form a new group of heme
peroxidases [30]. They were named based on their ability to degrade and decolorize
anthraquinone and azo dyes, such as Reactive Blue 5 [29,31,32]. The substrate specificity of
DyPs is broad; in addition to dyes, they also oxidize other typical peroxidase substrates such
as 2,2-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid (ABTS) and 2,6-dimethoxyphenol
(2,6-DMP) [26,33]. DyPs can oxidize phenolic [34] and non-phenolic lignin fragments
without requiring a mediator [35,36].
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According to the phylogenetic analysis of genomic sequences, DyPs have been classi-
fied into four sub-families in PeroxiBase. Sub-families A, B, and C contain predominately
bacterial peroxidases, while sub-family D peroxidases are from fungi [37]. A newer classifi-
cation was proposed in 2015, which divides DyPs into classes P (primitive, former class B),
I (intermediate, former class A), and V (advanced, former classes C and D) [38]. DyP-type
peroxidases are more or less considered bacterial counterparts to fungal LMPs [39]. The
ability to decompose lignin has been identified from several DyPs. It includes peroxidases
from fungi Auricularia auricula-judae [35], Irpex lacteus [40], and bacterial species such as
Rhodococcus jostii [41], Thermobifida fusca [42], and Pseudomonas fluorescens [43]. S. coelicolor
A3(2) genome was sequenced in 2002 [44] and has three genes encoding DyPs, two A-type
DyPs and a B-type DyP. We hypothesize that this bacterium requires dye-decolorizing
peroxidases to metabolize lignin.

Here, we cloned, expressed, and purified all three DyPs encoded by S. coelicolor A3(2).
The H,O,-dependent activity of the enzymes were characterized using a soluble model sub-
strate ABTS as well as water-insoluble organosolv lignins from Miscanthus x giganteus and
aspen. The activity of DyPs on ABTS did not correlate with their ability in modifying lignin,
a phenomenon that may reflect different pH optima observed with these two substrates.
Furthermore, different DyPs had distinctly different effects in lignin modification. Treat-
ment of lignins with type-A DyPs, ScDyP1A and ScDyP2A, resulted in depolymerization
of lignin, whereas treatment with ScDyPB increased the molecular weight of lignin.

2. Materials and Methods

In order to conserve space, portions containing detailed information about the experi-
ments can be found in the Supplementary Materials.

2.1. Gene Cloning

Genes encoding dye-decolorizing peroxidases (DyPs) (accession numbers: NP_626524.1,
NP_628147.1, and NP_631251.1 for locus tags SCO2276 (ScDyP1A), SCO3963 (ScDyP2A),
and SCO7193 (ScDyPB), respectively) were amplified from Streptomyces coelicolor A3(2)
genomic DNA using the oligonucleotide primers with restriction endonuclease sites for
Ndel and Xhol, respectively (Table S1). Plasmid DNAs were purified by alkaline lysis.
The amplified genes (1263 bp, 1338 bp, and 951 bp for SCO2276, SCO3963, and SCO7193,
respectively) were cloned into pET15b expression vector coding for an N-terminal Hisg-tag
followed by thrombin protease site. Additionally, codon-optimized genes for SCO2276 and
SCO3963 were obtained and pre-cloned into the pET28a expression vector (Twist Bioscience,
San Francisco, CA, USA). Each clone (codon-optimized) carried the Kan resistance gene,
N-terminal Hisg-tag, and thrombin cleavage site.

2.2. Overexpression

Recombinant ScDyPs were overproduced in E. coli BL21 (DE3) as Hisg-fusion proteins
(without the N-terminal 40-amino acid putative twin-arginine translocation (Tat) signal
peptides in the case of ScDyPAs). The overnight starter cultures were used for inoculation.
The culture media (LB prepared in tap water) supplemented with antibiotics was incubated
at 37 °C until the ODggo reached 0.6-0.8. The overexpression of recombinant protein
was induced by 1 mM isopropyl-B-D-1-thiogalactopyranoside. The culture was grown
overnight, at 30 °C and 180 rpm. The cells were harvested at 4000 g, 15 min, and 4 °C.

2.3. Purification

The harvested cells were resuspended in buffer A (20 mM Tris-HCl, pH 7.5, 0.5 M Na(l,
5 mM imidazole) and lysed using sonication (Bandelin Sonopuls, Bandelin GmbH & Co,
Berlin, Germany) or high-pressure homogenization (EmulsifFex-C5, Avestin, Ottawa, ON,
Canada). The lysed cells were centrifuged at 35,000 g for 1 h, at 4 °C. The supernatant was
loaded onto the HisTrap FF column (GE Healthcare, Chicago, IL, USA). The column was
washed with 10 column volumes (CV) of 10% buffer B (20 mM Tris-HCI, pH 7.5, 0.5 M NaCl,
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0.5 M imidazole) to remove non-specifically bound proteins. The Hisg-tagged protein was
eluted with the linear gradient of imidazole of 10 to 100% buffer B (20 CV). The fractions
were analyzed with SDS-PAGE, and the protein of interest was pooled. His¢-tag was
cleaved by overnight incubation with thrombin (2 U per 1 mg protein) at 4 °C. The heme
reconstitution was conducted with hemin (2-fold molar excess) at room temperature for
2 h using 20 mg/mL hemin (98%, porcine, Acros Organics, Fair Lawn, NJ, USA) dissolved
in DMSO. The protein was exchanged to 20 mM Tris-HCl buffer (pH 7.5) containing 0.1 M
NaCl (HiPrep 26/10 Desalting column) (GE Healthcare); the resulting protein fractions
were pooled and concentrated using centrifugal filters with a molecular weight cutoff of
10 kDa (Sartorius, Gottingen, Germany). The protein was flash-frozen in liquid nitrogen
and stored at —80 °C.

2.4. Determination of Enzyme Concentration

The total protein concentration was determined spectrophotometrically at 280 nm (UV-
2700 UV-Visible Spectrophotometer, Shimadzu, Japan). The extinction coefficient €280 nm
values, calculated using the Expasy ProtParam tool (https:/ /web.expasy.org/protparam/,
accessed on 15 August 2022), were 51,450; 38,960; and 18,450 M lem™}, for ScDyP1A,
ScDyP2A, and ScDyPB, respectively. To estimate the total protein concentration before heme
reconstitution, the buffer was exchanged using ultrafiltration filters to prevent concentration
overestimation due to imidazole absorption.

The amount of active enzyme (with heme in the active site) was calculated using
characteristic absorbance at 406 nm (e496 = 100,000 M~! cm~!) for heme proteins [45]. The
total and the active enzyme content was calculated before and after the reconstitution with
hemin. The heme content of DyPs was evaluated by Reinheitszahl value (Rz, Asps/ Azsp)-
In all experiments, the enzymes were dosed based on the active enzyme concentration.

2.5. Enzyme Assays

All enzyme assays with ABTS (ChemCruZTM, Santa Cruz, CA, USA) were performed
in triplicate using Shimadzu UV-2700 UV-Visible Spectrophotometer at room temperature
(except for the investigation of temperature dependence). All measurements with 100 nM
ScDyP1A, 50 nM ScDyP2A, or 15 nM ScDyPB were used. Oxidation of ABTS was carried
out with 1 mM H,0O,, and the formation of ABTS cation radical was measured at 420 nm
(e420 = 36,000 M~ em™1). A fresh stock solution of H,O, was prepared daily before use.
The stock of 2,6-DMP (Acros Organics, Fair Lawn, NJ, USA) was prepared in dimethylfor-
mamide. The oxidation of 2,6-DMP was measured at 470 nm (e470 = 53,200 M~ cm 1) [46].
Optimal pH and temperature dependence parameters were determined (Supplementary
Materials). The data analysis was carried out using OriginPro 2021 software (OriginLab,
Northampton, MA, USA).

2.6. Organosolv Extraction of Lignin

Ethanol organosolv lignin from bleached chemi-thermomechanical aspen pulp was ex-
tracted as described in Joul et al., 2022 [16]. Ethanol organosolv lignin from
Miscanthus x giganteus (Mxg-lignin) was provided by Stefan Bauer [17]. Klason analy-
sis was conducted as described in Joul et al., 2022 [16] to determine the total lignin content
for aspen (86.8 & 0.7%) and Mxg (85.0 & 1.1%) lignins, respectively.

2.7. Enzymatic Treatment of Organosolv Lignins

Ethanol organosolv lignin suspension at 1 mg/mL in aqueous HEPES (Sigma-Aldrich,
St. Louis, MO, USA), buffer (50 mM, pH 8.0) with added 2 mM H,0O, was treated with
10 uM of ScDyP1A, ScDyP2A, or ScDyPB, incubated for 24 h, at 28 °C. For turbidity, the
reaction mixtures were agitated at 200 rpm. The reaction mixtures and controls were
centrifuged, and the insoluble portions were lyophilized for storage. The supernatants
were extracted with ethyl acetate for further analysis. The water-insoluble portions of lignin
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were analyzed via gel permeation chromatography (GPC) and water-soluble portions with
gas chromatography-mass spectrometry (GC-MS).

3. Results
3.1. The Ensemble of DyP-Peroxidases of Streptomyces coelicolor

The genome of S. coelicolor A3(2) (Sc) carries three genes encoding for DyPs: two
type-A DyPs, ScDyP1A (SCO2276) and ScDyP2A (SCO3963), and a type-B DyP, ScDyPB
(SCO7193) with molecular weights of 45 kDa, 47 kDa, and 34 kDa, respectively. The three
genes are located in three distinct loci on the single linear chromosome of S. coelicolor.
Regarding the operonic context, it is not entirely clear what specific biological role ScDyPB
might be involved with. However, in the case of ScDyP1A, the annotations of the neighbor-
ing genes in its operon suggest its role in iron homeostasis (i.e., iron permease, high-affinity
iron-transporter, etc.). In contrast, in the case of ScDyP2A, the operon contains a putative
prephenate dehydrogenase and an aminoacyl-tRNA synthetase, thus suggesting a role
in the biosynthesis of aromatic amino acids, which is well aligned with lignin biochem-
istry (Table 1). The genes of ScDyP1A and ScDyP2A contain an N-terminal Tat secretion
tag, suggesting a role outside of the cytosole, whereas ScDyPB lacks the secretion signal,
suggesting a biochemical role inside the cell.

Table 1. The annotations of DyP-type peroxidases of S. coelicolor A3(2) and their corresponding
operon neighbors, as assigned in the public databases.

ScDyP Locus Tag Annotation !
ScDyPB SCO7193 putative iron-dependent peroxidase
5C0O7192 sigma factor
SCO7194 putative polysaccharide biosynthesis protein
ScDyP1A SC0O2276 ferrous iron transport peroxidase
SC0O2272,SCO2274 heme ABC transporter

5C0O2273 hemin transport system permease
5C0O2275 ferrous iron transport periplasmic protein
S5C0O2277 ferrous iron transport permease
5C0O2278 hypothetical protein

ScDyP2A 2 SCO03963 DyP-type peroxidase family protein
SCO3971 conserved hypothetical protein
SCO3970 Xaa-Pro aminopeptidase
SCO3969 possible ATP/GTP-binding protein
SCO3968 putative integral membrane protein
SCO3967 putative membrane protein

S5C0O3966, SCO3965 putative copper metallochaperone

SCO3964 copper transport protein
5C0O3962 prephenate dehydratase
SCO3961 seryl-tRNA synthetase
SCO3960 hydrolase (HAD superfamily)

1 Annotation is based on JGI IMG/M and the SEED databases. > The operon for ScDyP2A is encoded on the
complement strand.

3.2. Production and Purification of Recombinant ScDyPs

ScDyPs were expressed as His-tagged fusion proteins in E. coli, purified, and the
concentration of apo- and holo-enzymes determined using spectrophotometry. The ScDyPs
showed the typical heme-peroxidase spectrum with a Soret band maxima at 408 nm,
405 nm and 401 nm for ScDyP1A, ScDyP2A, and ScDyPB, respectively (Figure S1). The
heme content of peroxidases was evaluated by Rz value (Table 2). Before reconstitution
with hemin, the highest heme content was observed with ScDyPB followed by ScDyP1A
and ScDyP2A (Table 2). The reconstitution improved the proportion of holo-enzyme (Table 2)—
1.7-fold for ScDyP1A and 2.2-fold for ScDyP2A—while for ScDyPB, the Rz ratio remained
relatively the same. In order to tackle the low expression yields of ScDyPAs (about 1 mg of
protein from 1 L culture) from plasmids containing inserts of PCR-amplified genomic DNA



Energies 2023, 16, 1557

6 of 15

(i.e., 1 mg of protein for ScDyP1A/ScDyP2A from 1 L culture), synthetic genes that were
codon-optimized for expression from an E. coli host, were obtained. The proteins were
then expressed and purified, where ScDyP1A had an Rz value of 2.01 and ScDyP2A 2.02
before reconstitution with hemin. The reconstitution of DyPAs from the codon-optimized
system with hemin did not show a particular effect, as the Rz values remained the same.
The codon-optimization of genes considerably improved the protein expression yield for
both ScDyP1A and ScDyP2A.

Table 2. Reinheitszahl values of ScDyPs before and after the heme reconstitution.

Rz Value ScDyP1A ScDyP2A ScDyPB ScDyP1A €© ScDyP2A €O
Before reconstitution with hemin 0.78 + 0.02 0.51 + 0.02 2.36 + 0.04 2.01 £0.11 2.02 £ 0.01
After reconstitution with hemin 1.33 £ 0.08 1.14 + 0.02 2.32 +0.07 1.92 +£0.03 217 £0.03

€O Codon optimized genes for the expression out of E. coli BL21 (DE3).

3.3. Biochemical Characterization
3.3.1. Optimal pH for ScDyPs

The pH dependency of the oxidation of ABTS is shown in Figure 2. ScDyP1A and
ScDyP2A exhibited the highest activity at pH 3.5, while the optimal pH for ScDyPB was
determined to be 3.0 (Figure 2). At pH 5.0, all ScDyPs showed almost no activity with
ABTS. Contrary to ABTS, the oxidation of phenolic substrate (2,6-DMP) by ScDyP2A and
ScDyPB had a pH optimum around 8.5 (data not shown). ScDyP1A did not catalyze the
oxidation of 2,6-DMP.

—=— ScDyP1A
—e— ScDyP2A
—— ScDyPB

=4
o
T

Relative activity
o
=
T

(=
N
T

0.0 -

25 3.0 35 4.0 45 5.0
pH

Figure 2. Optimum pH of dye-decolorizing peroxidases of S. coelicolor toward oxidation of ABTS.
Data are average values of three independent measurements.

3.3.2. Temperature Dependency

The temperature dependency on enzyme activity was measured at pH 3.5 using ABTS
as the substrate. Peroxidase activity for all DyPs were at a decline or started decreasing
already at 30 °C and decreased with further temperature increase (Figure 3).

3.3.3. Thermostability

To further estimate the temperature stability of ScDyPs, the enzyme solutions were
incubated, at 30 °C, for 48 h, and at fixed time intervals, sample aliquots were withdrawn,
and tested for activity. Within 2 h, ScDyP2A had lost most activity compared to other
ScDyPs, approximately one-third (Figure 4). After 24 h, ScDyP1A and ScDyPB had lost
~20% of activity, and ScDyP2A had around half of its activity. ScDyP1A is the most
thermoresistant ScDyP and had retained ~70% of its activity within 48 h, wherein ScDyP2A
had lost ~70% of its activity.
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Figure 3. The temperature dependency of ScDyPs. Peroxidase activity was measured at pH 3.5
(50 mM sodium citrate) using ABTS as substrate. 1 mM H,O, was used as a co-substrate. Experiments
were conducted in triplicate.
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Figure 4. Thermostability of ScDyPs. The enzyme stocks were incubated in 50 mM sodium citrate
(pH 3.5), at 30 °C. At selected times, the activities were measured using ABTS and 1 mM H;O,.
Experiments were conducted in triplicate.

3.3.4. Steady-State Kinetics

Steady-state kinetic measurements were conducted at pH 3.5, varying the concen-
tration of ABTS and using 1 mM H,0O; as a co-substrate. All ScDyPs displayed non-
Michaelis-Menten kinetics (Figure S2), and the results were analyzed using the equation
accounting for substrate inhibition (Equation (S1) in the Supplementary Materials). Ki-
netic parameters are summarized in Table 3. Highest kcat was measured with ScDyPB,
followed by ScDyP2A and ScDyP1A. The ScDyPB had also the lowest apparent Ky values
for ABTS. Owing to its high kcat and low Ky value, the ScDyPB had by far the highest
catalytic efficiency (kcat/Ky) in oxidation of ABTS (Table 3). All three DyPs are inhibited
by increased substrate concentrations, wherein ScDyPB is more prone to inhibition by
ABTS with a K; of 0.4 mM (Table 3; Figure S2). 2,6-DMP was also tested as a substrate
but proved to be a poor substrate for ScDyPs, especially for ScDyP1A, which did not
oxidize this substrate (data not shown). However, the apparent specificities (kcat/Kn) were
approximately 140-fold lower for ScDyP2A (~0.1 mM~!-s~!) and approximately 200-fold
lower for ScDyPB (~3.1 mM~ s, Similarly, substrate inhibition was seen with 2,6-DMP
(Figure S3).
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Table 3. Kinetic parameters for the oxidation of soluble model substrate ABTS by ScDyPs. Apparent
steady-state kinetic parameters were measured at pH 3.5 using 1 mM H,O, as a co-substrate. Data
are average values of three independent measurements.

ScDyP1A ScDyP2A ScDyPB
Ky (mM) 14+0.15 23+09 0.08 = 0.02
keat 571 7.6+1.1 31.7 + 14.6 48.6 +£5.7
keat/Kng (mM~1.s~1) 5.4 402 13.8 £ 1.3 607 + 95.2
K; (mM) 43+14 1.6 + 1.0 0.4+0.1

3.4. Lignin Remodeling Activity of ScDyPs
3.4.1. Identification of Molecular Weight Distribution of Lignin Samples by GPC Analysis

GPC analysis was utilized to observe the changes in the relative size distribution of
ScDyPs-treated organosolv Mxg- and aspen lignins. Lignins were incubated in the presence
of ScDyPs for 24 h, then centrifuged, and the pellets were lyophilized. For the GPC analysis,
the lyophilized pellets were dissolved in THF, and the molecular weights of lignins were
observed. The number-average molecular weight (Mn) of Mxg-lignin was 1509 Da, and the
weight-average molecular weight (Mw) 2435 Da (Table 4).

Table 4. Mn, Mw, and the molar-mass dispersity (D) of Mxg- (panel A) and aspen (panel B) ethanol
organosolv lignins treated with ScDyPs determined by GPC analysis. Solutions containing lignins at
1 mg/mL in HEPES buffer (pH 8.0) and 2 mM H,0, without enzymatic treatment, or treated with
10 uM enzyme were incubated for 24 h. Samples were centrifuged, pellets lyophilized and dissolved,
and the lignins were analyzed using GPC.

Mxg-Lignin Aspen Lignin
Mn Mw Pm Mn Mw DPwm
Without enzyme 1509 10 2435 +35 1.61 2772 +51 5533 £53 2.0
+ScDyP1A 1502 + 8 2357 + 26 1.57 2589 +12 4705+ 72 1.82
+ScDyP2A 1489 +£11  2332+45 1.57 2429 +106 4371 + 258 1.8
+5cDyPB 1856 £ 21 2921 + 28 1.57 2994 + 33 5607 + 79 1.87

At first, pH 3.5 was used for the lignin experiments, but the lignin treatment at acidic
media did not show an effect. Acidic to alkaline pH ranges were tested for optimal lignin-
remodeling activity, where a pH range of 7.5 to 8.5 was deemed the most active (data not
shown). The treatment of Mxg-lignin with ScDyPB led to the polymerization of lignin
polymer up to 19%. Similar behavior was seen with aspen lignin. The enzymatic treatment
with ScDyPB caused the increase in lignin molecular weight, whereas ScDyPAs showed the
ability to decrease the molecular weight of lignin. The Mn of Mxg organosolv lignin treated
with ScDyP2A and with ScDyP1A remained the same as with untreated material. However,
the Mw of aspen lignin after 24 h treatment with ScDyP2A decreased by approximately
20%. Similarly, a reduction in the average molecular weight of aspen lignin after ScDyP1A
treatment could also be detected. The Dy of Mxg-lignin fragments decreased from 1.61 to
1.57. The Dy of aspen lignin decreased from 2.00 to 1.87 (ScDyPB), 1.80 (ScDyP2A), and
1.82 (ScDyP1A). According to these results, all three ScDyPs can remodel organosolv lignin,
wherein the Mxg-lignin is a better substrate for ScDyPB and aspen lignin for ScDyPAs
(Figure 5).

3.4.2. Identification of Low-Molecular-Weight Compounds in Lignin Samples by
GC-MS Analysis

GC-MS analysis was used to determine the low-molecular-weight (LMW) compounds
in lignin samples. The organosolv lignins were incubated with and without ScDyPs for
24 h and centrifuged; the supernatants were extracted with ethyl acetate, lyophilized,
dissolved in methanol, and analyzed with GC-MS. According to the GC-MS results, the
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LMW proportion of Mxg-lignin contains mostly H-units, fewer G-units, and a small portion
of S-units, wherein aspen lignin is in the most part composed of S-units, fewer G-units, and
a minute proportion of H-units (based on the integrated peak area). The treatment of both
lignins with ScDyPs decreased the amount of LMW compounds found in supernatants,
where ScDyPB had the highest effect (Table 5).

A Mxg-lignin

Without treatment
+ ScDyP1A
+ ScDyP2A
+ ScDyPB

Relative intensity (mAU)

R TP Tt Baeed Pev
0 8 9 10 1 12 13 14 15 16 17 18 19 20 21 22 23 24
Retention time (min)

5 B Aspen lignin

E Without treatment
E + ScDyP1A
%‘ + ScDyP2A
= + ScDyPB
2

E

2

5

[}

x b

T POTTT TPTEY PRUUT TP PUPP PV rywry #Prry reves rf e,
0 8 9 10 1 12 13 14 15 16 17 18 19 20 21 22 23 24
Retention time (min)

Figure 5. The characterization of lignin-remodeling activities of ScDyPs by GPC. Panel (A) Mxg-
lignin, panel (B) aspen lignin. The treatment of Mxg-lignin with ScDyPB led to the polymerization of
lignin polymer. The treatment of aspen lignin with ScDyPAs resulted in lignin depolymerization.

Table 5. The most prominent LMW compounds found in Mxg-lignin (A) and aspen lignin (B), and
the influence of ScDyPs treatment to the peak area reduction. The peak areas are represented in
percentages where the result from the untreated sample is set to 100%, and the treated samples are
defined as the percentage peak area left after the treatment.

(A) Without
Unit Compound Name Treatment ScDyP1A ScDyP2A ScDyPB
H p-Hydroxycinnamic acid, ethyl ester 100 78 78 2
G Ethyl (E)-ferulate 100 67 75 2
G (E)-4-(3-Hydroxyprop-1-en-1-y1)-2- 100 77 69 9
methoxyphenol
G Glyceryl ferulate 100 87 95 nd*
S trans-Sinapyl alcohol 100 63 69 5
(B) Without
Unit Compound Name Treatment ScDyP1A ScDyP2A ScDyPB
S trans-Sinapyl alcohol 100 53 55 37
G (E)-4-(3-Hydroxyprop-1-en-1-yl)-2- 100 44 50 16
methoxyphenol
S trans-Sinapaldehyde 100 64 68 53
G Butyrovanillone 100 92 73 nd *
G 2-Propanone, 100 nd * nd * nd *

1-hydroxy-3-(4-hydroxy-3-methoxyphenyl)-

* not detected.

4. Discussion

The purpose of this study was to characterize the full ensemble of DyP peroxidases
from S. coelicolor A3(2), which consists of two A-type and one B-type DyP peroxidase
in the context of enzymatic modification of organosolv lignins. The physiological roles
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of DyPs are unclear to date. It has been shown previously that some type-A DyPs are
components of tripartite ferrous iron transporters and serve a role in iron uptake [47,48].
There are reports of DyPs functioning as deferrochelatases by releasing heme iron without
tetrapyrrole degradation, such as EfeB (class A) from E. coli [49]. According to the operonic
context, ScDyP1A might be a ferrous iron transport peroxidase. B-type DyPs are putative
cytoplasmic enzymes indicating a function in intracellular metabolism [50]. However, the
operonic context of ScDyPB does not hint at its specific role for S. coelicolor.

For the biochemical characterization, the three DyPs from S. coelicolor A3(2) were
heterologously expressed and purified. The efficiency of heterologous expression of pro-
teins is often hampered by differences in the codon usage between the organism of origin
and the chosen host expression organism for a particular gene. In addition to differences
in the abundance of specific tRNAs, the genome of S. coelicolor has 72% G + C content,
when compared to that of about 51% of E. coli. [44,51]. Although the expression of ScDyPB
yielded sufficient amounts of enzyme for further experiments (20 mg per liter culture),
the expression of ScDyPAs resulted in roughly 20-fold less protein. Successful protein
expression in E. coli as the host depends on several factors, such as the choice of the ex-
pression plasmid and the strain, the optimization of expression conditions, etc. [52,53].
However, codon usage seems to have the highest impact on obtaining high protein yields
from recombinant expression [54]. It is also known that S. coelicolor has remarkably different
codon usage profile than E. coli [55]. Codon optimization is often used to enhance the
translation efficiency of a gene of interest [56]. It has been seen that codon-optimization
results in an even 140-fold improvement of protein expression yield [57]. Here, the expres-
sion with codon-optimized genes enabled the production of higher quantities of protein
when compared to the non-optimized construct, resulting in a 4-fold and 43-fold increase
for ScDyP1A and ScDyP2A, respectively. Additionally, DyPs require heme as a prosthetic
group for its catalytic activity [29]. Recombinant bacterial expression frequently produces
heme-deficient proteins [58-61], which can be combated by supplementing the growth
media with extra hemin during the expression [61]. Unfortunately, the heme transport
systems of most E. coli strains cannot efficiently uptake hemin and depend on the diffusion
through the cell membrane [60,61]. The Reinheitszahl (Rz) value (from German “purity
number”), the ratio of absorbances (Aggret/ Aggp), is used to obtain an estimate on the extent
of heme incorporation into peroxidases. Prior to supplying the DyPs with additional hemin,
Rz values of ScDyP1A and ScDyP2A were below one. The reconstitution improved the Rz
values by approximately 2-fold for both ScDyPAs. The Rz values for ScDyPAs obtained
from codon-optimized genes and ScDyPB were over two without any extra steps. The
heme reconstitution after purification did not increase the Rz values of ScDyPAs obtained
from codon-optimized genes and for ScDyPB. It is fathomable that the uptake kinetics of
heme by DyPAs in vivo are affected by the differences in the speed of translation between
the high G + C non-optimized vs. codon-optimized DyPA constructs. Although we have
no direct evidence for it, it is possible that there may be minor differences in protein folding
due to ribosome stalling which may also affect the heme uptake by the purified proteins
in vitro.

Having obtained sufficient amounts of heme-reconstituted ScDyPs, we set out to deter-
mine their optimal working conditions (i.e., pH and temperature). DyP-type peroxidases
have demonstrated a lower pH preference than classic heme peroxidases [29,62]. Typically,
rather similar pH optima for ABTS and 2,6-DMP oxidation have been identified for DyPs.
Previous studies of fungal and bacterial DyPs have reported that the optimum pH for ABTS
and 2,6-DMP oxidation falls in the pH range of 3-5 [63-65]. Our results of ScDyPs were
consistent with the past findings for ABTS. The optimum pH of ScDyPs for ABTS oxidation
was determined in the range of 3-3.5, but in contrast, for phenolic 2,6-DMP oxidation, the
optimum pH was 8.5. Chaplin et al., 2017 reported that the optimum pH for 2,6-DMP
oxidation is 9.0 for DyPA from Streptomyces lividans [66]. This kind of phenomenon has also
been seen in the case of laccases, where the enzymes catalyze the oxidation of ABTS better
at pH 4, but the oxidation of 2,6-DMP at alkaline pH (7-9) [67,68].
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It has been shown that enzymes isolated from extremophiles can tolerate more severe
conditions, such as extremes in pH, temperature, salt concentration, etc., often required
for industrial processes. For instance, the optimal temperature of A-type TcDyP from a
thermophilic actinomycete Thermomonospora curvata was also 30 °C; however, 1 h incubation
of TcDyP at 60 °C resulted in ~70% retained activity [69]. Since S. coelicolor is a mesophilic
bacterium, it was expected that ScDyPs would show only modest resistance to elevated
temperatures. ScDyPB showed the highest activity at 30 °C, and the activity of all ScDyPs
decreased with the rising temperature. The activities of ScDyPAs decreased more rapidly at
higher temperatures compared to ScDyPB. The relative activity of ScDyPB at 40 °C was 90%,
but in contrast, ScDyPAs had retained only less than 20% of activity. Further, the stability of
ScDyPs at 30 °C was determined (Figure 4). The thermostability of ScDyP2A was decreasing
most rapidly and, within 48 h, had lost 70% of its activity. ScDyP1A was relatively stable
for 48 h with residual activity of 70%. Min et al., 2015, had a novel observation where the
optimum temperature of BsDyP was dependent on the substrates the residual activity was
measured with [36]. Therefore, temperature dependency and thermostability results were
only compared to those where ABTS was used for the measurements.

All three DyPs possessed different apparent specificities (ke /Ky) for ABTS, 5mM 1571,
14 mM~1-s71, and 600 mM~!-s~! for ScDyP1A, ScDyP2A, and ScDyPB, respectively. Like
ScDyPs, the peroxidase activities are not comparable to C- and D-type DyPs and show
much lower activities. Previously characterized DypA and DypB from Rhodococcus jostii
RHA1, a Gram-positive soil bacteria, showed lower apparent specificities with ABTS than
ScDyPs, approximately 2 mM~1-s~! [41]. Substrate inhibition is a frequent phenomenon
and occurs in roughly 25% of known enzymes [70]. Substrate inhibition was observed in
case of all ScDyPs, with both substrates, wherein with ABTS, ScDyPA1 was inhibited the
most and ScDyPB the least.

According to in silico analysis by Benslama et al., 2022, it was proposed that a DyP
from S. coelicolor (ScDyP1A) has the potential to efficiently biodegrade lignin [71]. Lignin
remodeling experiments with ScDyPs were conducted with organosolv lignins from aspen
and Miscanthus x giganthus. The acidic conditions (pH 3.5) initially used in lignin remodel-
ing experiments were unsuitable, most probably due to the aggregation of DyPs at lower
pH. Additionally, alkaline pH was preferred due to the substantially increased solubility of
lignin in alkaline media (deprotonation of phenolic OH-groups) [9]. A range of alkaline
pHs was tested, and pH 8 was chosen as the most promising pH for lignin experiments.

GPC analysis determined that the enzymatic treatment of lignin decreased the
dispersity—Dy [72] for both lignins—indicating that lignin becomes more homogeneous
due to treatment with ScDyPs. Neither of the A-type ScDyPs had an effect on the molecu-
lar weight distribution of Mxg-lignin, while ScDyPB did not affect the molecular weight
distribution of aspen lignin. ScDyP2A had the highest effect on lignin, and Mw of aspen
lignin was reduced by ~20%. Treating Mxg-lignin with ScDyPB led to lignin polymerization
and led to the increase in the molecular weight of Mxg-lignin. This is a common problem,
which is brought about by several condensation and polymerization routes, such as radical
coupling, vinyl condensation, generation of reactive fragments involving polymerization,
and reactive functional group-induced repolymerization reactions [73]. It has been ob-
served that the success of lignin depolymerization is highly dependent on the nature of the
lignin sample. In addition to the radical species generated, the ratio of phenolic/aliphatic
OH-groups in lignin determines the fate of lignin [74]. A possible strategy to combat poly-
merization is to combine different enzymes. For instance, Rahmanpour et al., 2017, have
identified an extracellular bacterial flavoenzyme that can prevent the repolymerization of
lignin [75].

GC-MS analysis was used to analyze the supernatant of enzymatically treated or
untreated lignins. Although this analysis does not determine the entire monolignol content
of these lignin preparations, it was used to verify the main LMW compounds solely in the
supernatant. According to GC-MS, the predominant LMW peak in Mxg-lignin belongs
to an H-unit (p-Hydroxycinnamic acid ethyl ester), while in aspen lignin, the spectra is
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dominated mostly by S-units. Several monolignols in Mxg-lignin were x-ethoxylated, a
distinctive feature of ethanol organosolv lignins [17]. The results from GC-MS analysis
provide one possible explanation for the results obtained from GPC analysis—the tendency
of aspen lignin to be depolymerized and Mxg-lignin to be (re)polymerized. As S-units
have a higher degree of methoxylation, the steric hindrance decreases the probability
of crosslinking, and therefore, the depolymerization of lignin is promoted compared to
polymerization. It has been reported previously that DyPs can be applied to coupling
phenolic monomers [76]. Here, we similarly observed that after the enzymatic treatment,
the number of monolignols in the supernatant decreased drastically. This observation
might be explained by (i) the loss of lignin solubility caused by the enzymatic treatment
and (ii) the polymerization of LMW compounds of lignins remaining in the pellet fraction
after centrifugation.

5. Conclusions

Streptomyces coelicolor A3(2) is a rich source of enzymes with high potential for a variety
of biotechnological applications. In addition to an extensively studied small laccase, the
genome of S. coelicolor also encodes for several lytic polysaccharide monooxygenases and
glycosyl hydrolases, but also an ensemble of dye-decolorizing peroxidases—ScDyPs. Here,
ScDyPs were characterized in the context of their possible biotechnological application
as lignin modifying enzymes. Using ABTS as the model substrate, pH and temperature
dependence as well as Michaelis-Menten kinetic parameters were determined. ScDyPB
showed the highest rate of catalysis with ABTS compared to other ScDyPs. Lignin remodel-
ing activity was demonstrated with ScDyPB, which polymerized grassy biomass derived
organosolv lignin, and with ScDyPAs, which depolymerized hardwood derived organosolv
lignin. In addition to that, we demonstrated that ScDyPB is an effective tool for the removal
of water-soluble LMW phenolics.

Our results illustrate the relevance of ligninolytic enzyme characterization alongside
characterization of lignin to understand and improve the enzymatic treatment techniques
of lignin.
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Gene cloning

Transformation

The recombinant plasmids containing dye-decolorizing peroxidase (DyP) genes were
transformed by electroporation into One Shot E. coli TOP10 competent cells (ThermoFisher
Scientific, USA). The transformed cells were selected on an LB-agar plate containing
appropriate antibiotics (37 °C overnight). The recombinant plasmids were transformed into E.
coli BL21(DE3) strain by electroporation, and the transformed cells were grown in LB
supplemented with the appropriate antibiotics at 37 “C overnight. Colonies containing the
plasmid were confirmed by restriction digestion with Ndel and Xho and by Sanger sequencing
(University of Tartu, Institute of Genomics, Estonia).

Enzyme Assays
Optimal pH

The optimal pH for 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid (ABTS) and 2,6-
dimethoxyphenol (2,6-DMP) oxidation was determined for each DyP from Streptomyces
coelicolor (ScDyP) using 1 mM ABTS for ScDyP1A and ScDyP2A, 0.1 mM ABTS for ScDyPB,
and sodium citrate (50 mM, pH 2.5-3.5), sodium acetate (50 mM, pH 4.0-5.0), HEPES (50 mM,
pH 7.0-8.0), Tris-HCl (50 mM, pH 8.5), and glycine (50 mM, pH 9.0-9.5) buffers. 2 mM 2,6-
DMP, 1 mM H202, 500 nM ScDyP2A, and 100 nM ScDyPB were used for 2,6-DMP oxidation.

Temperature Dependence & Thermostability

Substrates were added to sodium citrate buffer (50 mM, pH 3.5) that was adjusted to a desired
temperature and the reaction was started by the addition of the enzyme. The final
concentrations of enzymes and substrates in each of the reaction mixtures were as follows: 100
nM ScDyP1A (1 mM ABTS), 50 nM ScDyP2A (1 mM ABTS), 15 nM ScDyPB (0.1 mM ABTS),
and 1 mM HxOs. For assessing the stability of DyPs, the enzymes were pre-incubated in Tris-
HCI (20 mM, pH 7.5), 100 mM NaCl buffer at 30 “C. At selected times, aliquots were drawn
and the ABTS oxidizing activity was measured using the concentration of the reagents
outlined above. Concentrations of the enzymes in pre-incubation were 10 pM, 5 pM, and 1.5
uM for ScDyP1A, ScDyP2A, and, ScDyPB, respectively.

Enzyme Kinetics

100 nM ScDyP1A (0.1-5 mM ABTS), 50 nM ScDyP2A (0.1-5 mM ABTS), 15 nM ScDyPB (0.01-
0.5 mM ABTS), 1 mM H:0, sodium citrate buffer (50 mM, pH 3.5) were used for determining
the apparent kinetic constants with ABTS. 500 nM ScDyP2A (0-10 mM 2,6-DMP) and 100 nM
ScDyPB (0-10 mM 2,6-DMP), 1 mM H:0;, Tris-HCI buffer (50 mM, pH 8.5) were utilized for
enzyme kinetics with 2,6-DMP. The observed rates were plotted against substrate
concentrations and Vmax, Kv, and Ki values were found using non-linear regression according
to equation 1.
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The curve fit and data analysis were carried out using OriginPro 2021 software.
Enzymatic Treatment of Organosolv Lignin
Gel Permeation Chromatography

Gel permeation chromatography (GPC) was used to follow changes in the molecular weight
distribution of lignins. Prior to the GPC analysis, the samples were dissolved in
tetrahydrofuran (THF). GPC analysis was carried out with a Prominence LC-20A Modular
HPLC System (Shimadzu, Japan) equipped with a photodiode array detector. A GPC/SEC
Guard Column (50 x 7.5 mm, Agilent Technologies, USA) and two Organic GPC/SEC PLgel
MesoPore columns connected in tandem (300 mm x 7.5 mm, inner diameter, 3 pm, Agilent
Technologies) were calibrated using the EasiVial PS-L polystyrene standards for GPC/SEC
(Agilent Technologies). The following conditions were used — mobile phase: THF stabilized
with 250 ppm butylated hydroxytoluene in isocratic mode; flowrate: 1 mL/min; column oven
temperature: 40 °C and UV detection: 254 nm. Each analysis was performed in triplicate. The
number average molecular weight (Mn), weight average molecular weight (Mw), and the
molar-mass dispersity (Pm) were determined with GPC postrun software (Shimadzu).
Statistical significance was determined by analysis of variance (ANOVA), which was
established at p<0.05.

Gas Chromatography-Mass Spectrometry

To analyze low molecular weight compounds (LMW) in Mxg- and aspen lignins treated with
ScDyPs, and without enzymatic treatment, gas chromatography-mass spectrometry (GC-MS)
was used. The reactions were centrifuged, and the supernatant was extracted with ethyl
acetate, lyophilized, and dissolved in methanol. 1 uL of the sample was injected in splitless
mode at 250 °C to a 7890A gas chromatograph coupled to a 5975C mass spectrometer (Agilent
Technologies) with an electron ionization source and a quadrupole mass analyzer. The flow
rate of carrier gas (helium, 6.0 purity) was kept constant at 1.3 mL/min. LMW compounds in
lignin were separated in a ZB-5plus capillary column (30 m x 0.25 mm x 0.25 pum, Agilent
Technologies). The following oven temperature program was used: the initial temperature
was 35 °C (1 min), then increased to 300 °C (10 °C min™, held for 2 min). The total run time
was 29.5 min. The analyte ionization was performed in electron ionization mode using the
electron energy of 70 eV. The interface, ion source, and mass analyzer temperatures were set
at 280, 230, and 150 °C, respectively. Scan mode in the range of 30-500 m/z was used for
monitoring all analytes. LMW compounds of lignin were determined by the National Institute
of Standards and Technology 17 (NIST 17) library. Agilent MassHunter Qualitative Analysis
was used for data analysis. The fragment (m/z) with the highest intensity characteristic for
each compound was used for quantification.



Table S1. Oligonucleotide primers used for gene amplification.

forward reverse
SC0O2276 5'-GAC CGC GCC GGT GCC CAT | 5-GAT CAG GTA GCT CGA GAA
(ScDyP1A) | ATG GAC CCG GCC GGT GCC-3' | CACCGT TAC GCCTCCTTG-3'

SCO3963 | 5'-CGC AGC CGC CCC CTC GCA | 5-CCG CGG GGTGAT ACG CCCCTC
(ScDyP2A) | TAT GGC GAC CCC CCT CAC-3' GAG TCA CCC CTC CAG-3

SCO7193 | 5-GGA GGA TGT TCG CAT ATG | 5-CGG GTC GGG TCG CTC GAG GCT

(ScDyPB) | GGC GGA GAA GTC-3' CAG GGC CGA G-3'
—— ScDyP1A|
—— ScDyP2A
0.2 —— ScDyPB

Abs.

0.1

0.0 ! ! ! T
250 300 350 400 450 500

Wavelength (nm)

Figure S1. Spectra of ScDyPs. The enzymes were diluted in Tris-HCI (20 mM, pH 7.5), 100 mM
NaCl buffer, and the spectrum of each ScDyP was recorded (250-500 nm). ScDyP1A showed
the Soret band maximum at 408 nm, ScDyP2A at 405 nm, and ScDyPB at 401 nm.

VIEy (5”)

o 4 N w & o o o~

. \ . . . . .
2 3 4 5 o 1 2 3 4 5 0.0 0‘1 0‘2 0‘3 0‘4 0‘5
[ABTS] (mM) [ABTS] (mM [ABTS] (MM
ScDyP1A ScDyP2A [ABTS] (mh) ScDyPB [ABTS] (mM)

Figure S2. Steady-state kinetics of ScDyPs against ABTS as a substrate: ScDyP1A (panel A),
ScDyP2A (panel B), and ScDyPB (panel C). Experiments were performed using sodium citrate
(50 mM, pH 3.5) buffer and 1 mM H20: as a co-substrate. In red, fitted curves are shown
employing the substrate inhibition equation (Eq 1).
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Figure S3. Steady-state kinetics of ScDyP2A and ScDyPB against 2,6-DMP
A), ScDyPB (panel B). Experiments were performed using Tris-HCl (50 mM, pH 8.5) buffer
and 1 mM H:0: as a co-substrate. In red, fitted curves are shown employing substrate

inhibition equation (Eq 1).
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ARTICLE INFO ABSTRACT

Keywords: Dye-decolorizing peroxidases (DyPs) have been intensively investigated for the purpose of industrial dye
PefOXidafe' decolourization and lignin degradation. Unfortunately, the characterization of these peroxidases is hampered by
Cooperativity their non-Michaelis-Menten kinetics, exemplified by substrate inhibition and/or positive cooperativity. Although

Substrate inhibition
Hydrogen peroxide
Inactivation

often observed, the underlying mechanisms behind the unusual kinetics of DyPs are poorly understood. Here we
studied the kinetics of the oxidation of 2,2-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS), hydro-
quinones, and anthraquinone dyes by DyP from the bacterium Thermobifida halotolerans (ThDyP) and solved its
crystal structure. We also provide rate equations for different kinetic mechanisms explaining the complex ki-
netics of heme peroxidases. Kinetic studies along with the analysis of the structure of ThDyP suggest that the
substrate inhibition is caused by the non-productive binding of ABTS to the enzyme resting state. Strong irre-
versible inactivation of ThDyP by H0, in the absence of ABTS suggests that the substrate inhibition by Hy04
may be caused by the non-productive binding of Hy05 to compound I. Positive cooperativity was observed only
with the oxidation of ABTS but not with the two electron-donating substrates. Although the conventional
mechanism of cooperativity cannot be excluded, we propose that the oxidation of ABTS assumes the simulta-
neous binding of two ABTS molecules to reduce compound I to the enzyme resting state, and this causes the
apparent positive cooperativity.

1. Introduction surface-exposed aromatic amino acid residues like Trp and Tyr [23]. The

existence of surface binding sites has been demonstrated for several

Dye-decolorizing peroxidases (DyPs, EC 1.11.1.19) are heme-
dependent peroxidases that catalyze the oxidation of various com-
pounds, such as anthraquinones, azo dyes, and lignin-related com-
pounds using HyO, as a co-substrate [1-5]. However, their native
substrates as well as biological functions are yet to be identified [6].
DyPs are found in bacterial and fungal species and based on primary
sequence and structural topology are divided into four subfamilies
(A-D) [3,7-9]. DyPs are ferredoxin like proteins with a size ranging from
monomers to hexamers [2,10-14]. The monomer of a DyP consists of
two similar domains, both containing antiparallel p-sheets and periph-
eral a-helices connected by surrounding loop regions. The heme cofactor
rests in the C-terminal domain [5,10,14,15]. HyO5 co-substrate and
smaller reducing substrates can directly enter the heme pocket through
an access channel [16,17]. Bulky substrates cannot access the heme and
are oxidized on the enzyme surface through long-range electron transfer
[18-22]. Longrange electron transfer pathways involve

* Corresponding author.

DyPs [18,19,21].

DyPs obey ping-pong mechanism where the enzyme bounces back
and forth between its resting state and reactive intermediates, com-
pound I (Cpd I; [Fe**=0 Por*]*) and compound II (Cpd II; [Fe**=0]
Por) [24-26]. Catalysis is initiated by the oxidation of resting state heme
by H203 leading to the formation of Cpd I. Cpd I is reduced back to the
resting state by two electron transfer from the reducing substrate [24,
27]. When delivered sequentially, the first electron transfer reduces Cpd
Ito Cpd IT while the second electron transfer reduces Cpd II to the resting
state. In some DyPs the Cpd II is not observed leading to the hypothesis
that Cpd I is directly reduced to the resting-state through simultaneous
two electron transfer [26]. It has proposed that propensity of sequential
one-electron- or a direct two-electron reduction is determined by the
hydration of the heme [26,28,29]. In the case of so-called dry heme
(without water molecules in the distal heme pocket), the Cpd I is more
susceptible to direct two-electron reduction whereas wet heme (with
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water molecules in the distal heme pocket) is reduced by two sequential
single-electron transfer steps [26,29,30].

Although of great biotechnological interest [4-6,31,32], the inter-
pretation of the kinetic data of DyPs is hampered by their complex,
non-Michaelis-Menten kinetics. The most often observed deviation from
Michaelis-Menten kinetics occurs with substrate inhibition [3,17,33-38]
by reducing substrate [3,17,34,38], by Hy0, [33,35,361, or by both [3].
Many peroxidases are also irreversibly inactivated by H202 [39,40].
Inactivation is often initiated by the binding of HO2 to Cpd I [39-43]
followed by different possible pathways that may lead to the bleaching
of heme [40,43-45] or damage of enzyme protein [46,47]. Such a sui-
cide inactivation can be relieved by the presence of reducing substrate
that competes with HyO5 for reacting with Cpd I and/or Cpd 1I [45,48].
In the case of some peroxidases, the inactivation by HyO3 is relieved by
their catalase activity [39,42,49]. An apparent positive cooperativity
has also been reported for DyPs [3,19,50,51]. Positive cooperativity is a
phenomenon that is usually associated with multimeric enzymes or
monomeric enzymes with more than one active site. Many DyPs are
multimeric enzymes with some of them showing positive cooperativity
[19,50] while others are not [52-54]. Furthermore, there are also
monomeric DyPs showing positive cooperativity [3]. Although of
importance, our knowledge about the mechanisms underlying the
non-conventional kinetics of DyP peroxidases is limited and studies
addressing these issues are scarce.

Here, we studied the kinetics of an A-type DyP from a bacterium
Thermobifida halotolerans (ThDyP) and solved its crystal structure.
ThDyP showed complex kinetics with substrate inhibition by both Hy04
and reducing substrate, and positive cooperativity with single-electron
donating substrate, ABTS (2,2-azino-bis(3-ethylbenzothiazoline-6-sul-
fonic acid)). Although dimeric structure of ThDyP allows for conven-
tional explanation of cooperativity, we propose a simple Kkinetic
mechanism whereby non-productive complexes with H,O5 and reducing
substrate are responsible for the substrate inhibition, and productive
complex with two single-electron donating substrate is responsible for
an apparent positive cooperativity.

2. Materials & methods
2.1. Materials

All reagents and substrates were purchased from Sigma-Aldrich with
some exceptions: hemin from porcine (Acros Organics), 30 % (w/w)
hydrogen peroxide solution (Honeywell), Chelex 100 Chelating Resin
(50-100 mesh, sodium form) (Bio-Rad). Double deionized ultrapure
(type 1) water was further purified by passing it through a column filled
with Chelex 100 resin.

2.2. Protein overexpression

Codon-optimized gene encoding the dye-decolorizing peroxidase
(DyP) from Thermobifida halotolerans (accession number: WP_068693896)
was cloned into pET28a expression vector, carrying Kan resistance
cassette, N-terminal Hise-tag, and an N-terminal thrombin cleavage site
(Twist Bioscience). The recombinant ThDyP missing the N-terminal 40-
amino acid twin-arginine translocation (Tat) signal was overproduced
in E. coli BL21(DE3). The culture media (LB prepared in tap water) sup-
plemented with Kan was incubated at 37 °C until the ODggo reached
0.6-0.8. The recombinant protein overexpression was induced by adding
isopropyl p-p-1-thiogalactopyranoside (to 0.8 mM). The culture was
grown overnight at 30 °C, 180 rpm. The cells and debris were harvested
by centrifugation at 4000 g for 15 min at 4 °C.

2.3. Protein purification

The harvested cells were re-suspended in buffer A (20 mM Tris-HCI,
0.5 M NaCl, 5 mM imidazole, pH 7.5), lysed using a high-pressure
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homogenization (Avestin EmulsiFlex-C5), and centrifuged at 35,000 g
for 1 hat 4 °C. HisTrap FF column (GE Healthcare) was equilibrated with
buffer A and the lysate was loaded. The column was washed with 10
column volumes (CV) of 10% buffer B (20 mM Tris-HCI, 0.5 M NaCl, 0.5
M imidazole, pH 7.5). The Hisg-tagged protein was eluted by applying a
linear imidazole gradient of 10-100% of buffer B (20 CV), and the
fractions were analyzed with SDS-PAGE. The fractions containing the
protein of interest were pooled, and Hise-tag was cleaved by overnight
incubation with thrombin (2 U per 1 mg protein) at 4 °C. The buffer was
exchanged for Tris-HCI (20 mM, pH 7.5) using HiPrep 26/10 desalting
column (GE Healthcare). For reconstitution with heme, the enzyme was
incubated with a twofold molar excess of hemin (using 20 mg/mL stock
solution in DMSO) at room temperature for 2 h. The excess heme was
removed by exchanging the buffer for Tris-HCl (20 mM, pH 7.5) on
HiPrep 26/10 desalting column. All purification steps were performed
using AKTA pure system (GE Healthcare). Finally, the heme recon-
stituted ThDyP was concentrated (using centrifugal filters with a mo-
lecular weight cutoff of 10 kDa, Sartorius), frozen in liquid nitrogen and
stored at —80 °C. 1 L expression yielded approximately 65 mg of ThDyP.

2.4. Determination of enzyme concentration

The absorbance at 280 nm and 406 nm were measured (Shimadzu
UV-2700 UV-Vis spectrophotometer) before and after the reconstitution
with heme to determine the total protein and heme concentrations,
respectively. The Reinheitzahl values (Rz, A406/A2s0) of ThDyP were
1.06 and 1.63 before and after reconstitution with heme, respectively.
The extinction coefficient of ThDyP at 280 nm (45,950 M’lcm’l) was
calculated using the Expasy ProtParam tool and e406nm = 100,000 M1
em ™! was used for the absorption of heme. The heme-based concen-
tration of ThDyP was used in all experiments of enzyme kinetics.

2.5. Crystallization, data collection, structure determination, and
refinement

Sitting-drop vapor diffusion crystallization screens were set up on
96-well plates (Intelliplate Rigaku) with a Crystal Gryphon crystalliza-
tion robot (Art Robbins Instruments). Droplets containing 0.5 pL of 15
mg/mL ThDyP in Tris-HCl (20 mM, pH 7.5) and 0.5 pL of mother liquor
solution from PACT Premier, Structure Screen, and JCSG + screens
(Molecular Dimensions) were mixed and equilibrated against 40 pL of
reservoir solution in vibration free crystallization incubators (Molecular
Dimensions) at 9 and 20 °C.

Crystals were obtained from PACT premier G5 condition (0.2 M so-
dium nitrate, 0.1 M Bis-Tris propane, pH 7.5, 20% (w/v) PEG3350) at
9 °C. A crystal was soaked in a cryo-protectant solution, containing the
corresponding crystallization solution supplemented with 20% (v/v)
glycerol prior to vitrification in liquid nitrogen. The X-ray diffraction
data were collected at 100 K at the BL13-XALOC beamline equipped
with a PILATUS 6 M detector at the ALBA synchrotron light source
(Barcelona, Spain) [55].

The crystal structure of ThDyP was solved by molecular replacement
using MOLREP [56] in the CCP4 program suite [57], utilizing the co-
ordinates of DyP from Thermobifida cellulosilytica (PDB 4GS1) as the
search model. The diffraction images were analyzed and integrated with
IMosflm [58] and scaled with AIMLESS [59]. Initial model refinement
was performed with REFMAC5 [60]. Iterative model building and
refinement was carried out with COOT [61] and phenix. refine [62].
Figures of structures were generated with UCSF Chimera molecular
graphics system [63]. Structure factors and associated structure co-
ordinates of ThDyP were deposited in the Protein Data Bank with PDB
code 8CK9. CASTp analysis [64] and CAVER [65] plugin for PyMOL
were used for identifying putative substrate channels in ThDyP mono-
mer. For CAVER calculations, the heme iron was set as the starting point.
PISA server was utilized to the assess the macromolecular interfaces
[66].
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2.6. Oligomerization analysis of ThDyP

The oligomerization state of ThDyP was estimated by gel filtration
chromatography on a Superdex 75 Increase 10/300 GL column (GE
Healthcare) equilibrated with sodium acetate (50 mM, pH 5.0) buffer.
ThDyP (22 mg/mL in 20 mM, pH 7.5) was diluted 2x with sodium ac-
etate (100 mM, pH 5.0), incubated for 30 min at room temperature, and
centrifuged. 100 pL of the supernatant was injected into the column and
eluted with 50 mM sodium acetate pH 5.0 at a flow rate of 0.5 mL/min.
High molecular weight Gel Filtration Calibration Kit (Cytiva) containing
ovalbumin (43 kDa), conalbumin (75 kDa), aldolase (158 kDa), and
ferritin (440 kDa) were dissolved in PBS buffer (pH 7.2) and used for
obtaining the calibration curve.

2.7. Enzyme assays

All enzyme assays were performed with a Shimadzu UV-1900i UV-Vis
spectrophotometer at 25 °C. The concentration of HoO, was determined
spectrophotometrically at 240 nm using an extinction coefficient of 39.4
M!em™? [67]. Sodium acetate (50 mM, pH 5.0) buffer supplemented
with 0.1 g L ™! bovine serum albumin (BSA) was used for making ThDyP
working stocks. Before the activity measurements, the working stocks of
ThDyP were incubated at 25 °C for 30 min. All reactions were made in 50
mM sodium acetate (pH 5.0, supplemented with 0.1 g L7 BSA)at25°Cin
1 mL total volume. Reducing substrate and HyO, were mixed in the
cuvette and the reactions were started by the adding of ThDyP working
stock. ABTS, methylhydroquinone (MHQ), 2,6-dimethoxyhydroxyqui-
none (DMHQ), reactive blue 4 (RB4), and reactive blue 19 (RB19) were
used as reducing substrates, and their oxidation was followed by the
absorbance using following molar extinction coefficients, €420 aprs = 36,
000 M ! cm’l, €251, MHQ = 21,450 M !em? [68] €292, DMHQ = 13,680
M~ em™? [68], e610, rB4 = 4200 M~! em™! [5], e595, rB19 = 10,000 M~
cm’l [51]. The concentration of ThDyP was 10 nM in the experiments
with ABTS and 100 nM in the experiments with other reducing substrates.
The non-enzymatic oxidation of substrates was tested by performing the
measurements in the absence of enzyme. All measurements were made at
least in duplicate. The data were analyzed using STATISTICA 8.

2.8. Inactivation of ThDyP

For the time dependency of inactivation 0.9 pM ThDyP was pre-
incubated with HyO2 (0.1-50 pM) or ABTS (10-1000 pM) in sodium
acetate (50 mM, pH 5.0, supplemented with 0.1 g L~! BSA) at 25 °C for
selected time. After pre-incubation the residual ABTS oxidizing activity
of ThDyP was measured using 1 mM ABTS, 1 mM H,0,, and 9 nM total
ThDyP. Before the addition of HoO2/ABTS, 1.0 pM ThDyP was incubated
in sodium acetate (50 mM, pH 5.0, supplemented with 0.1 g L' BSA) at
25 °C for 30 min. After that, an aliquot was withdrawn for measurement
of zero-time pre-incubation activity.

For the end-point inactivation 1.0 pM ThDyP was pre-incubated with
Hy0; for 1 h or ABTS for 24 h, before measuring the residual ABTS
oxidizing activity (1 mM ABTS, 1 mM H302, and 9 nM total ThDyP).

For the oxidation of ABTS in the absence of HyO3, ABTS (1.0 mM)
was incubated with 1.0 pM ThDyP in sodium acetate (50 mM, pH 5.0,
supplemented with 0.1 g L™} BSA) at 25 °C for selected time and
oxidation of ABTS was followed by the increase in absorbance at 420
nm. Control reactions with inactivated ThDyP (incubated at 95 °C for 10
min) were made in parallel.

2.9. Absorbance spectra

The UV-Vis absorption spectrum of ThDyP was recorded at 300
nm-700 nm range using a Shimadzu UV-1900i UV-Vis spectropho-
tometer. ThDyP in sodium acetate buffer (50 mM, pH 5.0) was pre-
incubated with 0, 1, 2, 5, or 50 molar equivalents of HoO5 for 30 min
before recording the spectra.

Archives of Biochemistry and Biophysics 754 (2024) 109931
2.10. SDS-PAGE

The molecular mass of ThDyP was estimated after incubation with
H0, by SDS-PAGE using a 10% separation gel. 5 pM of ThDyP was
incubated with 0, 1, 2, 4, 10, 25, and 100 equivalents of HyO at room
temperature for 20 min. The reaction was stopped by adding 5X
Laemmli buffer (without reducing agent) followed by heating at 95 °C
for 5 min. Pierce Unstained Protein Molecular Weight Marker (Thermo
Fisher) was used as a size standard. Protein bands were visualized using
InstantBlue Coomassie Protein Stain (Abcam).

3. Results
3.1. ThDyP displays complex kinetics

Dependency of the initial rates of the oxidation of ABTS on the
concentration of substrates revealed complex kinetics of ThDyP with
substrate inhibition by both, HyO2 and ABTS (Fig. 1). Furthermore, the
dependency of initial rates on the concentration of ABTS followed an
apparent positive cooperativity (Fig. 1A). In the concentration range of
ABTS studied (0.05-5.0 mM) the positive cooperativity was not
observed (we note that it may appear in the region of ABTS concentra-
tions far below 0.05 mM) at low HyO2 concentrations (1.0-10 M) and
the kinetics was analyzed using an empirical equation for the substrate
inhibition (eq (1)).

v kea (S|
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In eq (1), v is the initial rate, Ej is total concentration of the enzyme,
[S] is the concentration of the substrate that was varied, and k32P, KPP
and K{PP are apparent catalytic constant, apparent Michaelis constant,
and apparent inhibition constant, respectively. Substrate inhibition by
ABTS appeared stronger at lower HyO, concentrations. Stronger sub-
strate inhibition at lower concentrations of the other substrate is a ki-
netic signature of ping-pong kinetic mechanism where substrate
inhibition is caused by the non-productive binding of substrates to the
“wrong form of the enzyme”. At higher H,O, concentrations (above 10
uM) the positive cooperativity was evident, and the kinetics was
analyzed using an empirical equation of Hill (eq (2)).
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In eq (2), Ko 5 is the concentration of ABTS at which the rate is half-
maximal, and h is Hill coefficient. In analyses according to eq (2), the
datasets were limited with the highest concentration of ABTS of 2 mM (i.
e., data points showing substrate inhibition were not included). The
value of h seemed to be independent on [H205] and the average value of
2.0 £ 0.1 was found for the series made with [Hy03] 25-1000 pM
(Fig. S1).

In Fig. 1B the data are reorganized to show the dependency of initial
rates on [Ho03]. The positive cooperativity was not observed with HyO5.
However, substrate inhibition by H,O5 was evident, showing increase in
the apparent strength with decreasing [ABTS] (Fig. 1B). According to eq
(1), the optimal substrate concentration ([S]op, substrate concentration
at which the rate is at its maximum) is given by eq (3) where KifP and
KPP are as defined in eq (1).

)= /KK ®)
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Using K& and K{PP values obtained from nonlinear regression
analysis of the data in Fig. 1B we found that [HaO2]op scales linearly
with [ABTS] (Fig. S2). The values of kinetic parameters for HoO5 and
ABTS are listed in supplementary tables Table S1 and Table S2,
respectively.
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Fig. 1. Kinetics of ThDyP with different substrates. Reactions were made in sodium acetate (50 mM, pH 5.0, supplemented with 0.1 g L~! BSA) at 25 °C. De-
pendency of initial rates of the oxidation of ABTS on the concentration of (A) ABTS and (B) H,0,. Dependency of initial rates of the oxidation of hydroquinones and
anthraquinone dyes on the concentration of (C) hydroquinone, (E) anthraquinone dye, and (D, F) H;0,. Solid lines in A show non-linear regression of the data
according to eq (1) (for the series with [H,05] 1.0-10 pM) or to eq (2) (for the series with [H;02] of 25 uM and higher). In latter case the datasets were limited with
the highest concentration of ABTS of 2 mM. Solid lines in B show non-linear regression of the data according to the 1. The nature and the concentration of the
substrate that has been kept constant within the series is shown in the plot. Shown are average values of two experiments.

We also tested the oxidation of hydroquinones (MHQ and DMHQ)
and anthraquinone dyes (RB4 and RB19). The activity of ThDyP with
these substrates was much lower than that with ABTS and there was no
positive cooperativity (Fig. 1 C-F). At the conditions tested, inhibition
by reducing substrate was observed only with RB4 (Fig. 1E). With
DMHQ as an exception, the inhibition by HoO2 was observed with all
reducing substrates (Fig. 1 D and F). The structure of the substrates and
stoichiometry of the reactions studied here are shown in Scheme 1.

3.2. Substrate inhibition

It is well known that HyOy-driven catalysis by heme-peroxidases
follows ping-pong kinetics. H2O2 binds to the enzyme in its resting
state (E-Fe") followed by the formation of reactive intermediate
referred to as Compound I (Cpd I, Fig. 2A) [69]. Cpd I is reduced by two
consecutive electron transfer steps from the substrate to recover the
resting state of the enzyme. With the enzymes obeying a ping-pong
mechanism the substrate inhibition is expected when substrate(s) bind
to a “wrong form of the enzyme” [70]. The simplest mechanism that can

NH,* NH,*
2 >7 0% HOz+ 2H" === /O: >7 $0s . 2H,0
0,8 % 08 %
NH,* NH,*
ABTS ABTS cation radlcal
MHQ
+ Hy0, + 21,0 Ry =CHg, Ry=H
Ri Ry R DMHQ
OH & R1= R, =0CH;
MHQ or DMHQ MQ or DMBQ RB4 H Ne. Gl
'
a* Ns N
SO;~
+H0p+ HY === ‘O + 2H,0 Q
RB19
o S/\/O\SO
O HN O HNy 1= o Na*
RB4 or RB19 oxidized RB4 or RB19

Scheme 1. Peroxidation reactions of ThDyP studied here. ABTS is a single electron donating substrate and two molecules of ABTS are neede to reduce HyO5 to

water. Oxidation of hydroquinones (MHQ and DMHQ) and anthraquinone dyes (RB4 and RB19) takes place via two electron transfer to HyOs.
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Fig. 2. Reaction mechanism and analysis of the catalysis by heme peroxidase. (A) Catalysis by heme peroxidases follows ping-pong mechanism. H,0, binds to
the enzyme in its resting state (E(Felll) = E) followed by the formation of reactive intermediate known as Compound I (E(IV)e™ = Cpd I = Eq). Cpd I is reduced by
two consecutive electron transfer steps from the reducing substrate (S). In the first step Cpd I is reduced to the Compound II (E(IV) = Cpd II = E(yj)) and in the second
step the Cpd 1I is reduced to restore the resting state. (B) Simplest kinetic mechanism explaining the substrate inhibition of heme peroxidase by both reducing
substrate (S) and H,0,. E, Eq, and Eyp), stand for the enzyme resting state, Cpd I, and Cpd II, respectively. The kc,, and the equilibrium dissociation constants used for
deriving the rate equations are defined in the panel. (C) Dependency of apparent kinetic parameters of eq (1) (also shown in the figure) on the concentration of the
substrate (the one which concentration is constant within the experiment series) and on the rate- and equilibrium constant defined in panel B. The term « is the factor

by which an apparent kc,, is reduced compared to its true value and it is introduced for convenience of representation of equations.

account for the inhibition of heme-peroxidase by both, electron
donating substrate and H2Oq, is depicted in Fig. 2B. Binding to a “wrong
form of the enzyme” is modeled by allowing the binding of H,O, and
ABTS to the Cpd I and to the resting state, respectively (Fig. 2B). In
deriving the rate equation (eq (4)) all chemical reactions were consid-
ered irreversible and the mechanism in Fig. 2B was solved using an
equilibrium assumption for all complexes.

d[H,05)]

d[P] keat[S][H>05)

steady-state assumption and kinetic shortcuts outlined before [25,71].
Derivations of steady-state rate equations are given in the Supplemen-
tary results. The steady-state solution to the kinetic mechanism in
Fig. 2B (eq S7) was equivalent to eq (4), which was derived using rapid
equilibrium assumption, but the binding constants, Ky202, Ks1, and Kga,
had different expressions in terms of individual rate constants
(Table S3).
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Equilibrium binding constants and the k¢, in eq (4) are defined in
Fig. 2B. Ey is the total concentration of the enzyme and [P] is the con-
centration of one electron oxidized product. Measurements of the heme
peroxidase kinetics under single-turnover conditions often show no
saturation of the rate of the formation of the Cpd I with [H20.] [26,29,
50,517 or the rate of the reduction of Cpd I with the concentration of
reducing substrate [26,29,30,51]. This suggests that the rates of the
chemical steps are fast and rapid equilibrium assumption may not hold
for these enzymes. Therefore, we also derived the rate equations using
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In practice the kinetics of enzyme reactions involving two substrates
are measured so that only the concentration of one substrate is varied
and that of the other is kept constant [70]. Resulting v/E versus [sub-
strate] curves can then be analyzed using the rate equations derived for a
single substrate reaction like eq (1). Therefore, we rearranged eq (4) to
the form of eq (1) that is often used for the analysis of the peroxidase
kinetics with substrate inhibition. The dependency of the kinetic pa-
rameters of eq (1) from the concentration of the substrate that was kept
constant and from the constants defined in Fig. 2B are shown in Fig. 2C.
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In the absence of reducing substrate many heme peroxidases are
inactivated by Hy03 [40,42,49,72-75]. Such an inactivation is indica-
tive to the formation of non-productive complex between H,O, and Cpd
I. Therefore, we also tested a possible inactivation of ThDyP by HzO2.
For that we pre-incubated ThDyP with H0; before testing the residual
activity with ABTS (1 mM ABTS and 1 mM H305). The residual activity
of ThDyP decreased with pre-incubation time but, after 30 min,
remained at the plateau value with the height dependent on the con-
centration of HpO, (Fig. S3A). Analysis of the stoichiometry of inacti-
vation revealed that only 4.6 + 0.9H,02 molecules was needed for
complete inactivation of ThDyP (Fig. 3A). Titration of ThDyP with Hy05
resulted in decrease, and finally a complete loss of the absorbance of
Soret band at 405 nm (Fig. S4). Collectively these data indicate the
formation of some kind of non-productive complex between Cpd I and
H30; as assumed in Fig. 2B.

Substrate inhibition by ABTS appeared stronger at lower concen-
trations of HpO (Fig. 1A) suggesting that both substrates compete for
the binding to the resting state of the enzyme. Therefore, we also tested
the effect of pre-incubation of ThDyP with ABTS in the absence of HyO,
to the following ABTS oxidation activity. Pre-incubation with ABTS also
resulted in time dependent decrease of the residual activity of ThDyP
(Fig. S3B). However, the inactivation of ThDyP by ABTS was far less
efficient than that by HyO2 and complete inactivation of ThDyP was
achieved only at ABTS to ThDyP ratio of 250 (Fig. 3B). As judged by the
increase in absorbance at 420 nm, there was also a slow oxidation of
ABTS in the experiments without added Hy0, (Fig. S5). However, the
residual peroxidase activity of ThDyP (Fig. S3B) decayed much faster
than the rate of apparent oxidation of ABTS in the absence of Hy0,
(Fig. S5). Furthermore, maximum of about 10 oxidized ABTS molecules
were produced per one molecule of ThDyP in the experiments without
added H20, (Fig. S5) while complete inactivation of ThDyP occurred
only at ABTS/ThDyP ratios over 250 (Fig. 3B). These results suggest that
oxidation of ABTS in the absence of added H,O, and inactivation of
ThDyP are not coupled. High ABTS/ThDyP ratios needed for inactivation
of ThDyP indicate that minor impurities in ABTS preparation may be
responsible for the inactivation of ThDyP as recently shown for horse-
radish peroxidase [76]. Nevertheless, inactivation of ThDyP by ABTS
suggest the existence of some kind of non-productive complexes be-
tween ABTS (or minor components in its preparation) and ThDyP resting
state (note that there is no Cpd I in the experiments without Hy05) as
assumed in Fig. 2B. It is also worth noting that, while irreversible
inactivation of ThDyP by ABTS in the absence of Hy02 suggest the
presence of complex between ABTS and enzymes resting state the
absence of such inactivation does not rule it out (non-productive ABTS
ThDyP complex may not cause the inactivation of the enzyme).
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3.3. Structure of ThDyP

The structure of ThDyP was solved at 1.6 A resolution and is dis-
played in Fig. 4A. Crystal parameters, data collection, and refinement
statistics are summarized in Supplementary Table S4. The first 17 N-
terminal residues of ThDyP were highly disordered and were therefore
not modeled. The structure of ThDyP is comprised of two similar do-
mains. Much like all DyPs, ThDyP confers to a ferredoxin-like fold,
composed of two four-stranded antiparallel p-sheets and peripheral
a-helices, which are joined by loop regions. The hexa-coordinated heme
is located within the C-terminal domain of the ThDyP monomer. The
heme iron is ligated by the conserved proximal axial His residue (H300)
at a Ne2-iron distance of 2.1 A (Fig. 4B). A highly conserved Asp (D360)
is found within hydrogen bonding distance of H300, the carboxylate of
D360 forms a hydrogen bond with H300 N&1 (2.8 A), constituting the
Fe-His-Asp triad. The distal face of the heme is occupied by Asp (D204),
Arg (R316), and Phe (F337) residues, which are conserved among DyPs.
Additionally, a nitrate ion at the distance of 2.4 A from heme iron is
found at the distal side of the heme. Most probably, this nitrate is
derived from the crystallization mother liquor.

The direct accessibility of substrates to heme is determined by the
architecture of heme-access channels [18] which for ThDyP is shown in
Fig. 4A. Heme is accessible to solvent from several directions from the
surface of ThDyP, wherein three main channels are present per mono-
mer. Channel 1 is the largest among the channels found in ThDyP with a
bottleneck radius of 2.0 A. This channel is leading to the propionate
group of heme pyrrole ring D, also known as the propionate pocket.
Channel 2 is located on the distal face of heme with a bottleneck radius
of 1.8 A. Channel 3 is directing towards pyrrole ring C. This channel is
the smallest with a bottleneck radius of 1.6 A. It is suggested that
channel 2 serves as an access channel for HyO,, channels 1 and 3 are
used by smaller reducing substrates as the access routes to the heme and
the oxidation is catalyzed directly in the heme cavity [19]. Based on
channel calculations, the heme-access channel 1 of ThDyP is sufficiently
wide and open to allow direct interaction of ABTS with heme (Fig. 4A).
This suggests that the substrate inhibition of ThDyP by ABTS may be
caused by the competitive binding of ABTS and H,05 to the resting state
heme of ThDyP (Fig. 2B).

Although not demonstrated experimentally it is plausible that ThDyP
may use long-range electron transfer to catalyze the oxidation of larger
substrates whose size prevents direct interaction with heme. Amino acid
residues responsible for the oxidation at surface sites are Trp and Tyr,
and there are eight surface exposed Trp/Tyr residues in ThDyP. For some
peroxidases that use surface binding sites and long-range electron
transfer, it has been demonstrated that incubation with HyO in the
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Fig. 3. ThDyP is inactivated by both substrates, H,0, and ABTS. Reactions were made in sodium acetate (50 mM, pH 5.0, supplemented with 0.1 g L™ BSA) at
25 °C. ThDyP (1.0 pM) was pre-incubated with (A) H,O, for 1 h, or (B) ABTS for 24 h, before measuring the residual ABTS oxidizing activity (1 mM ABTS, 1 mM
H>0,, and 9 nM total ThDyP). Residual activity is defined as the ratio of activities in the experiments made, with and without given substrate in pre-incubation. Solid
line show linear regression of the data in the range of the residual activity above 0.1. Shown are average values and SD from three independent experiments.



H. Pupart et al. Archives of Biochemistry and Biophysics 754 (2024) 109931

Fig. 4. Structure of DyP-type peroxidase from T. halotolerans (ThDyP). (A) Overall structure of ThDyP monomer (PDB ID: 8CK9). a-helices, p-sheets, and loops
are shown in cyan, purple, and tan, respectively. The heme is in stick representation (orange-red-blue) and the iron is shown as a sphere (magneta). The nitrate ion
(derived from mother liquor) is shown at the distal side of the heme at the distance of 2.4 A from heme iron. The inset shows the propionate pocket of ThDyP. This
main heme-access channel is proposed as the access route for reducing substrates. (B) The key residues surrounding heme in ThDyP. The omit difference (Fo-Fc)
electron density map for the heme is shown as a grey mesh (contoured at 3c level). The heme, iron, and nitrate ion are depicted in the same colors as in panel A.

absence of reducing substrate may lead to the covalent coupling of
subunits [19,52]. No such covalent coupling was observed upon incu-
bation of ThDyP with HyO2 (Fig. S6).

Although the asymmetric unit contains only a single polypeptide,
PISA analysis suggests that the native form of the enzyme is a dimer.
Contact (buried) area between subunits was 2082.5 }o\z, which indicates
that ThDyP exists as a dimer with a head-to-tail configuration of
monomers interacting via non-covalent interactions. Heme is not
located in the oligomerization interface and the access to heme is not
blocked by oligomerization suggesting that ThDyP can also function as a
monomer. Gel filtration chromatography analyses of ThDyP revealed a
dominant peak with an apparent molecular weight of 76 kDa (Fig. S7).
This number is higher than the theoretical molecular weight of 45 kDa
suggesting the presence of dimers.

3.4. Positive cooperativity

Dimeric structure of ThDyP and possible binding of ABTS to different
sites allows for multiple potential mechanisms of positive cooperativity.

Even with one binding site, the binding of substrate to one subunit of
dimeric enzyme may increase its binding affinity (or turnover number)
in adjacent subunit. The same is true for the monomeric enzyme with
two “cooperating” binding sites. However, to the best of our knowledge
there is no experimental evidence for the existence of true cooperation
between binding sites in DyP peroxidases.

In 2017 Shrestha et al. demonstrated that in DyP of Enterobacter
lignolyticus, the Cpd II is not formed and Cpd I is directly reduced to the
enzyme resting state via two electron oxidation [26]. While direct two
electron oxidation of Cpd I is plausible within the complex of Cpd I with
substrates capable of donating two electrons, this is not possible for
substrates capable of donating single electron only. In peroxidase studies
ABTS is almost exclusively considered as a single electron donating
substrate (Scheme 1). However, using strong oxidants it is possible to
abstract electron from ABTS®" and oxidize it to ABTS™" [77,78].
ABTS'* has an absorbance maximum at 520 nm but it is highly unstable
at pH above 0 [78]. Second electron abstraction from ABTS takes place
with the redox potential of E° = 1.09 V which is considerably higher
than that for the first electron abstraction (E° = 0.69 V) [78]. The redox

A o1 B [HO1(uM)
E,H.O, -z
50
K K 50 + ¢
. ﬂ “uo, Koo, -
v 100
2 EH,0, . Ey o v + 500
$-\5H102 s = <1000
ZP%\ = K Tk £¥7T
>
E(,)SS <—v E(,)S 20 o
k.. = Foxkred _ [El[H05] _ [E@]iH205] 10+ 2
cat = outhrea | H202 T [EH,0,] i(Hp02) = [EqyH20]
ol
_ [Eplls) - [Eaplis] ©= _ [Els] i . \ \ . . )
= = 4 I | } I f } }
[E@s] [Eanss] B 0 1000 2000 3000 4000 5000 6000

[ABTS] (uM)

Fig. 5. Simplest kinetic mechanism explaining the kinetics of ThDyP. (A) In this mechanism Cpd II is not formed and Cpd I is reduced to the resting state through
simultaneous two electron transfer from substrate. For single electron donating substrates (like ABTS), this assumes the existence of the Cpd I complex with two
substrate molecules (EqSS) (kyeq route shown with solid arrow). There is no need for E;)SS complex for two electrons donating substrates (like hydroquinones and
anthraquinone dyes) (k;eq route shown with dashed arrow). The rate- and equilibrium dissociation constants used for deriving the rate equations (eqs (5) and (6) for
single- and two electrons donating substrate, respectively) are defined in the panel. (B) Non-linear regression analysis of the dependency of the rates of ABTS
oxidation on [ABTS] according to eq (5) (solid lines). Shown are the data from Fig. 1A but the data where positive cooperativity was not observed (the series with
[H205] < 10 pM) are omitted for clarity.
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potentials of the reactive intermediates Cpd I and Cpd II in DyPs are in
the range of 1.2-1.5 V with Cpd I being stronger oxidant than Cpd II
[21]. Thus, in principle DyPs are capable to catalyze the oxidation of
ABTS*" to ABTS'™. To test this possibility we incubated 0.1 pM ThDyP
with 100 pM H»05 and ABTS (5, 10 and 20 pM). In all cases there was a
stoichiometric conversion of ABTS to ABTS*" and there was no further
oxidation of ABTS®" to ABTS™™ even after addition of fresh portion of
ThDyP (Fig. S8).

Simultaneous binding of two single electron donating substrates to
Cpd I is necessary for its direct reduction to the resting state. Such ki-
netic mechanism is shown in Fig. 5A. Solving the mechanism in Fig. 5A
results in eq (5).

v _ _dH:0i]_,dP]_ kealSP [H2 03]
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here, ThDyP, displayed both substrate inhibition and positive coopera-
tivity. ThDyP shares sequence similarity to DyPs from Thermobifida alba
(80.5%), T. cellulosilytica (80.7%), and T. fusca (78.4%, TfuDyP). The
structure and the substrate scope has been previously determined for
TfuDyP [4,11,79]. TfuDyP can oxidase several phenolic substrates, such
as guaiacol, 2,6-dimethoxyphenol, and pyrogallol [11,79] as well as
anthraquinone dyes RB4 and RB19 [4,11], and ABTS [79]. An apparent
keat and Ky, for ABTS (measured with 1.0 mM H205 at pH 5.5 and 25 °C)
of 28 s~! and 0.86 mM, respectively, have reported for TfuDyP [79].
These figures are in the same order with kca (72 s and Ko.5(0.98 mM)
values measured here for ThDyP (Table S2). With 1.0 mM H0, there
was no substrate inhibition of TfuDyP by ABTS but the highest con-

(5)

E, dt dt

In eq (5) the [P] stands for the concentration of one electron oxidized
product. Rate constants and equilibrium constants in eq (5) are defined
in Fig. 5A. Steady-state solution (eq S8) can be arranged to the form of eq
(5) but the meaning of the binding constants, Kyz02, Ks, and Ksgs, is
different with apparent Ks depending on a substrate concentration
(Table $3). In the series made with HoO, concentrations of 25 pM and
higher (i.e in the range where positive cooperativity with ABTS was
observed) eq (5) described our results with the oxidation of ABTS
reasonably well (Fig. 5B). However, because of the over-parametrization
it was not possible to derive the values of kinetic parameters. The
squared term of substrate concentration in the nominator is responsible
for the ability of eq (5) to account for the apparent positive cooperativity
and defines the value of Hill coefficient equal to 2, a value that was
indeed observed experimentally (Fig. S1). As shown in the route desig-
nated with dashed arrow in Fig. 5A, there is no need for the enzyme
complex with two substrate molecules in the case of two electron
donating substrates and eq (5) reduces to eq (6).

v _ _dH0,] d[P] Kea|S|[H20,]

[SP[H20] + "5 ] (1 + K[—f) -+ haksfs (11, 0] (1 - ) bk (][, 0,]

Ki(ty0,) Kred

centration of ABTS was limited with 2.0 mM in this study [79]. Of note,
with 1.0 mM H305, the substrate inhibition of ThDyP by ABTS revealed
only in the case of ABTS concentrations above 2.0 mM (see Fig. 1A).
Although not so clearly revealed as with ThDyP here, it seems that
TfuDyP also has a positive cooperativity with ABTS but not with two
electron donating substrates like phenol and RB4 [79]. In following, we
try to find a simplest mechanistic interpretation for the peculiar kinetics
of ThDyP (and possibly of other DyPs).

Substrate inhibition is well-known phenomenon in enzyme catalysis,
but it mostly occurs at substrate concentrations that are far above the
physiological range. The ThDyP studied here contains Tat signal sug-
gesting that the enzyme is targeted to the extracellular milieu. Unfor-
tunately, the biological role of ThDyP nor the nature of its native
reducing substrate is not known. In fact, this is true for most of the en-
zymes in the DyP family [80] although possible functioning in copper
transport and HoO» scavenging have been reported [81]. In this study,
the inhibition by Hy04 became evident at HoO, concentrations above 50
uM (Fig. 1B). HoO2 is a reactive molecule and its concentrations in native
environments hardly accumulate to high micromolar range suggesting

E, dr dt

Kis)

Note that in eq (6) the [P] stands for the concentration of two elec-
tron oxidized product. Rate constants and equilibrium constants in eq
(6) are defined in Fig. 5. Steady-state solution (eq S9) is equivalent to eq
(6) but the expressions of Kysp2 and Kg contain the rate constants of
chemical steps (Table S3). There is no squared term of substrate con-
centration in the numerator of eq (6) and it cannot account for the
positive cooperativity. Consistent with this, there was no positive
cooperativity in oxidation of two electrons donating substrates (MHQ,
DMHQ, RB4, and RB19) by ThDyP (Fig. 1C & E).

4. Discussion

Many DyPs have been shown to display complex kinetics. The most
often observed deviation from the Michaelis-Menten kinetics is the in-
hibition by reducing substrate and/or H205 [3,17,33-38] but positive
cooperativity has also been observed [3,19,50,51]. The DyP studied

[S][H20] + "2 5] (1 + ﬂ) + ks (1,0,) (1 + koL )

i(Hy02)

(6)

that inhibition of ThDyP by H20» may not be biologically relevant.
However, strong irreversible suicide inactivation of ThDyP by Hy05 in
the absence of reducing substrate (Fig. 3A) suggests possible biological
role. In some peroxidases, the inactivation by HyOj is relieved by their
catalase activity [42,49] whereas others like ascorbate peroxidase lack
catalase activity and are strongly inactivated by HyOy [40]. In the
absence of reducing substrate, the inactivation of ThDyP by H20, was
fast (half-life around 5 min with 56 eqv Hy0,, Fig. S3A) and efficient
(Fig. 3A). It has been shown that inactivation by H2O is often caused by
oxidation of active site cysteine and/or methionine residues [47]. There
are three methionine residues in the vicinity of heme in ThDyP (Fig. S9).
Although the oxidation of these methionines cannot be excluded, a
significant bleaching of the absorbance of Soret band already at low
Hy0, concentrations (5 equivalents, Fig. S4) suggests that the inacti-
vation of ThDyP is a result of the degradation of heme. The kinetics of
H,0- inactivation of ThDyP is similar to that of ascorbate peroxidase
[40,82]. Ascorbate peroxidase is functioning in the chloroplasts of plant
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cells and its inactivation by H2O5 in the absence of ascorbate has been
associated to the regulatory roles [83]. Unknown biological role of
ThDyP does not allow to draw similar conclusions for this enzyme.

Differently from native environments, the HyO, concentrations in
industrial applications of peroxidase catalysis are often in the millimolar
range. In this case, the substrate inhibition by HyO, may be serious
drawback. Potential inhibition by a reducing substrate depends on its
ability to interact with enzyme’s resting state (Fig. 2B). On the other
hand, inhibition by Hy0 stems from the binding of HyO5 to the Cpd I
(Fig. 2B) which is a common intermediate that does not depend on the
reducing substrate. Therefore, one may think that, when present, the
substrate inhibition by H20, is independent of the nature of reducing
substrate. However, when the true binding affinity of HoO, to Cpd I (K;
(#H202), Fig. 2C) is independent of the nature of reducing substrate, the
strength of the H,O, inhibition (KPP, Fig. 2C) also depends on the
relative abundancy of Cpd I which in turn depends on the kinetic
properties of reducing substrate. When the efficiency of the reduction of
Cpd I to Cpd II is much higher than reduction of Cpd II to resting state
(kredq1/Ks1 > kreq2/Ks2) then Kflpp > KiH202) and inhibition by H0; is
weak (Fig. 2C). We note that, for simplicity, the possible binding of HoO2
to Cpd II was omitted in kinetic mechanism in Fig. 2B. Studies of inac-
tivation of heme-peroxidases have shown that upon reduction of Cpd I to
Cpd II by H204, Cpd II further reacts with H>O, in the reactions that may
lead to restoration of resting state [42,49,72,75] or enzyme inactivation
[72,75]. When the binding of H,05 is plausible, the substrate inhibition
by H20, depends on the relative binding strengths of HyO05 to Cpd I and
Cpd II and relative abundancies of these intermediates in the presence of
a given reducing substrate.

Conventional mechanisms of cooperativity assume the presence of
more than one active site in mono-/multimeric enzyme. Binding of the
substrate to one binding site influences the binding affinity and/or
turnover of substrate in another binding site, i. e there is a cooperation
between binding sites. Positive cooperativity is often associated with
enzymes that catalyze regulatory reactions of metabolic pathways. The
activity of cooperative enzymes is often regulated by allosteric inhibitors
and activators. Although an apparent positive cooperativity has been
observed with DyP family peroxidases [3,19,50,51], to the best of our
knowledge, the existence of allosteric regulators of DyP peroxidases has
not reported so far. Although the lack of such information may simply
reflect unknown biological role of DyP peroxidases, it may also stem
from different, non-conventional, mechanisms underlying an apparent
positive cooperativity of these enzymes.

Dimeric structure of ThDyP, revealed by X-ray crystallography
(Fig. 4) and size exclusion chromatography (Fig. S7) leaves open the
possibility that conventional mechanisms of true positive cooperativity
are operational in oxidation of ABTS. Alternative explanation of our data
with ThDyP would be the mechanism whereby Cpd I is directly reduced
to the resting state via simultaneous two-electron transfer from a
reducing substrate (Fig. 5A). Since ABTS can donate only single electron
to ThDyP (Fig. S8), at least two ABTS molecules must be bound to the
enzyme to enable simultaneous two-electron reduction of Cpd I. Such a
mechanism will result in a positive cooperativity with the value of Hill
coefficient of 2 (see equation (5)) that was also seen experimentally
(Fig. S1). The heme access channel of ThDyP is wide enough to enable
direct interaction between heme and ABTS (Fig. 4). Direct interaction
between heme and ABTS is also supported by the substrate inhibition
with ABTS (Fig. 1A). Whether the second ABTS molecule also directly
interacts with heme or uses surface binding site and long-range electron
transfer is not known.

Different from ABTS, the substrates with capability of transferring
two electrons, like hydroquinones and anthraquinone dyes used here,
did not show positive cooperativity (Fig. 1C & E). This is consistent with
the proposed mechanism of cooperativity with ABTS since there is no
need for simultaneous binding of two substrate molecules in case of two
electron donating substrates. It must be noted that apparent positive
cooperativity may also stem from enzyme-independent reactions that
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are necessary for the formation of detectable products [51]. Chaplin
et al. have demonstrated that positive cooperativity in oxidation of RB19
by DyP of Streptomyces lividans is caused by rate-limiting dispropor-
tionation of products necessary for decolourization of RB19 [51]. The
absence of positive cooperativity with RB19 (Fig. 1E) suggest that the
possible disproportionation of products is faster than oxidation of RB19
by ThDyP.

In 2001 the propensity of Cpd I to two electron reduction has been
associated with heme-water interactions. So called “dry heme” is
amenable to direct two electron oxidation without Cpd II intermediate,
whereas “wet heme” is oxidized by two consecutive one electron
oxidation steps (Fig. 2A) [28]. Type A DyPs, like ThDyP studied here, are
proposed to have “wet heme”, whereas type B DyPs have “dry heme”
[84]. A recent study by Luci¢ et al. demonstrated that the apparent
absence of Cpd II in the case of “dry heme” is a consequence of the slow
formation and rapid decomposition of Cpd II intermediate (i.e kreq2/Ksa
> Kkrea1/Ks1 in Fig. 2C) [30]. The presence of Cpd II in DyPs seems to
contradict the need for the ternary complex of Cpd I with two
single-electron donating substrate molecules, as proposed here, to
explain the positive cooperativity with ABTS (Fig. 5A). However, the
nature of the reducing substrate along with the nature of its binding site
(s) (direct/remote) may influence the e /H" transfer steps involved in
reduction of Cpd L.
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Cpd I compound I
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DMHQ  2,6-dimethoxyhydroxyquinone

DyP dye-decolorizing peroxidase

MHQ methylhydroquinone

RB4 reactive blue 4

RB19 reactive blue 19

Tat twin-arginine translocation

ThDyP  dye-decolorizing peroxidase of Thermobifida halotolerans
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Figure S1. Dependency of the Hill coefficient for the oxidation of ABTS on the concentration of H,O.
The values of Hill coefficient (4) were determined using non-linear regression analysis of the data on Figure
1A according to the eq 2. In analyses according to eq 2, the datasets were limited with the highest
concentration of ABTS of 2 mM (i.e., data points showing substrate inhibition were not included).
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Figure S2. Dependency of the optimal concentration of H,O; (|[H20:],¢) for the oxidation of ABTS on
the concentration of ABTS. The value of [H,0:]opt Was found using the eq 3 and Ki,*™ and Ki** values for
H>0; obtained from non-linear regression analysis of the data in Figure 1B according to the eq 1.
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Figure S3. Time dependency of the inactivation of 72DyP by H,O; and ABTS. 7hDyP (0.9 pM) was
pre-incubated with (4) H>O; (0.1-50 uM) or (B) ABTS (10-1000 uM) in sodium acetate (50 mM, pH 5.0,
supplemented with 0.1 g L' BSA) at 25 °C. After pre-incubation the residual ABTS oxidizing activity of
ThDyP was measured using 1 mM ABTS, 1 mM H;0,, and 9 nM total 74DyP. Before the addition of
H,0,/ABTS, 1.0 uM ThDyP was incubated in sodium acetate (50 mM, pH 5.0, supplemented with 0.1 g L
I BSA) at 25 °C for 30 min. After that, an aliquot was withdrawn for measurement of zero-time pre-
incubation activity. Residual activity is defined as the ratio of activity at defined pre-incubation time to the
zero-time pre-incubation activity (see above). Concentrations of H,O, and ABTS in pre-incubation are
defined in the plot. These pre-incubation time screening experiments were made in single parallel.
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Figure S4. Changes in absorbance spectrum of 7hDyP upon titration with H,O,. The absorbance of
ThDyP (3.135 uM) was measured in 50 mM sodium acetate, pH 5.0 (absorbance of buffer is subtracted).
H,0, was added as aliquots of 313.5 uM stock solution (5 pL per 1 mole equivalent of 7hADyP) and
spectrums were recorded 30 min after the addition of H>O,. The initial volume before the addition of H,O,
was 500 pL and final volume (after the addition of 50 equivalents of H>O,) was 750 pL. The color code of
added H,O; equivalents is given in the plot.
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Figure S5. Oxidation of ABTS by ThDyP in the absence of added H,0,. ABTS (1.0 mM) was incubated
with 1.0 uM ThDyP in sodium acetate (50 mM, pH 5.0, supplemented with 0.1 g L' BSA) at 25 °C. Product
(ABTS™) formation was quantified by the increase in absorbance at 420 nm using extinction coefficient of
36.0 mM! cm™'. Shown are average values of two independent experiments. In one series (designated as
“Inactivated-ThDyP”) the ThDyP was inactivated by heating at 95 °C for 10 min before using in the
experiment. Shown are also the difference between series made with active and inactivated 7hDyP
(designates as “Difference”).
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Figure S6. SDS-PAGE analysis of ThDyP pre-incubated with H,0,. 5 uM 7/4DyP in 50 mM sodium
acetate pH 5.0 was incubated with 0-500 uM H,0, (H,O, equivalents are shown on the image) for 10 min
before the analysis with SDS-PAGE.
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Figure S7. Gel filtration chromatography analysis of 7hDyP. 0.1 mL 74DyP in 50 mM sodium acetate
pH 5.0 was applied to a Superdex™ 75 Increase 10/300 GL column equilibrated with the same buffer. The
mobility of standard proteins (Ovalbumin, 44 kDa; Conalbumin, 75 kDa, Aldolase, 158 kDa; and Ferritin,
440 kDa) was used to construct the calibration curve (shown in a secondary y-axes). 74DyP eluted as a
single dominant peak with an apparent molecular weight of 75 kDa. Theoretical molecular weight of the
monomeric 7hDyP is 45.4 kDa.
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Figure S8. ThDyP is not capable of two electron oxidation of ABTS. (4) Schematic representation of
the oxidation of one electron oxidized ABTS (ABTS™) to two electron oxidized ABTS (ABTS""). ABTS™*
has absorbance maximum at 420 nm while ABTS"" has no significant absorbance at 420 nm. 0.1 uM 7ADyP
was incubated with 100 pM H,O, and 5, 10, and 20 pM ABTS in 50 mM sodium acetate pH 5.0
(supplemented with 0.1 g L' BSA) at 25 °C. (B) Time curves showing oxidation of ABTS to ABTS™"
(absorbance maximum at 420 nm). In series with 5 pM ABTS, a fresh portion (equal to the first one) of
ThDyP was added after 200 s. No changes in absorbance at 420 nm was observed upon addition of fresh
portion of 74DyP indicating that ABTS was depleted and ABTS™" was not further oxidized to ABTS™ (note
that the small increase in the absorbance upon addition of the fresh portion of 74DyP is caused by the
absorbance of the heme at 420 nm). (C) Correlation between the concentration of ABTS™ formed upon
oxidation of ABTS by ThDyP (calculated from the plateau values of the absorbance at 420 nm in panel B
using €420 = 36,000 M! cm™ for ABTS™) and initial concentration of ABTS in the cuvette. (D) Absorbance
spectrum of the reaction mixture with 20 uM ABTS (from panel B) measured after 10 min of the reaction.
Panels B and C show average results from three independent experiments. Spectrum in panel D is measured
in single parallel.



Figure S9. Cysteine and methionine residues in 7hDyP. (4) Structure of 7hDyP monomer (PDB ID:
8CKD9). The heme is in stick representation and iron is shown as sphere (brown). The nitrate ion is located
at the distal side of the heme. There is one cysteine (green) and several methionine (magneta) residues in
the structure of 7hDyP, of which three of them are in the proximity of the heme. (8) Zoom in of the heme
in the structure of 74DyP. The heme molecule, iron and nitrate ions, and methionine residues are depicted
in the same colors as is panel 4.



Supplementary tables

Table S1. Values of apparent kinetic parameters for H>O; at different concentrations of ABTS. Parameter
values were obtained from nonlinear regression analysis of the data in Figure 1B according to eq 1. Error
bars show fitting errors.

ABTS keat™™ Kin1202)""? Kin202)"™? keat™?/ Kin(1202)""?
(uM) () (uM) (1uM) uM's™h
50 2.5+0.1 2.0+0.6 poorly defined 1.27+£0.38
75 2.8+0.1 0.9+0.3 poorly defined 3.0+ 1.0
100 34+02 1.0+ 0.4 poorly defined 35+14
200 9.8+0.6 52+1.0 491+112 1.90 +0.37
300 16+1 9.0+2.1 507 + 127 1.82 +£0.42
500 35+3 25+5 632+ 125 1.40 £ 0.28
1000  73+8 61+ 13 1033 +281 1.20+0.26
2000 64+2 49+ 6 poorly defined 1.30+0.16
3000 58+2 57+8 poorly defined 1.00 +0.14
5000  53+7 138 +29 poorly defined 0.39 +0.08

Table S2. Values of apparent kinetic parameters for ABTS at different concentrations of H,O,. Parameter
values were obtained from nonlinear regression analysis of the data in Figure 1A according to eq 1 or eq 2
as defined in the table. Error bars show fitting errors. In analyses according to eq 2 the datasets were limited
with the highest concentration of ABTS of 2 mM.

H;0: Model Kea™™ Kmnagrs)*™P? Kiaprs)**? Ko.5aBTs)
(M) () (M) (nM) h (nM)
1 eql 20+0.1 3348 1283 £218

2 eql 4705 110+£23 856 + 172

5 eql 16x2 392 + 66 595 + 99

10 eql 156+182 poorly defined 105+ 131

25 eq2 201 1.9+0.2 255 +23
50 eq2 35+2 1.8+0.3 404 +43
75 eq2 47+3 2.0+0.3 417 +44
100 eq2 50+2 1.9+0.2 502 +42
500 eq2 67+5 2.1+02 745 +£75
1000 eq2 727 2.1+0.3 981 + 122




Table S3. Definitions of binding constants. Definitions of binding constants appearing in the rate equations
in the main article (derived using rapid equilibrium assumption) in terms of rate constants (defined in
Schemes S1-S3) for the rapid equilibrium and steady-state solutions of the kinetic mechanisms in Schemes
S1-S3.

Apparent binding Rapid equilibrium (no. Steady-state (no. of eq)
constant of eq)
K02 kalki (eq4) (katkox) by (eq S7)
Ksi kalks (eq 4) (katkeea))/ k2 (eq S7)
Ks> kalks  (eq4) (kstkeea)/ ks (eq S7)
Ku202 ka/k (eq 5) (k,1+k0x)/k1 (Cq 88)
Ks kolko (eq 5) kolkr + k3kred[S]/k2(k,3+kred) (eq 88)
Kss kalks  (eq5) (kstkeea) k3 (eq S8)
Koz ki/ki (eq6) (k-rtkox)/k (eq S9)
Ks k.z/kz (eq 6) (k.z"rkmd)/kz (Cq S9)




Table S4. Data collection and refinement statistics for DyP from Thermobifida halotolerans

ThDyP
Data collection
Wavelength (A) 0.97926
Space group C222,

Unit Cell (a,b,c) (A)
Resolution range (A)!
Total reflections
Unique reflections
Multiplicity
Completeness (%)
Mean I/sigma (I)
R-merge (%)*
R-meas (%)
CC Y%
Refinement
Resolution (A)
Number of reflections
R-work
R-free?
Number of atoms
Protein
Heme

Water
NO3
Average B-factor

Macromolecules
Heme

Solvent
NO;
RMS (bond lengths)

RMS (bond angles)
Favored (%)
Allowed (%)
Outliers (%)
Rotamer outliers (%)
Clashscore

PDB code

70.36, 78.37,135.65
29.6-1.6 (1.63-1.60)
338025

49674

6.8 (4.7)

99.9 (99.8)

11.5 (4.7)

10.0 (27.7)

10.8 (30.2)

0.993 (0.954)

29.61-1.60
49628

15.8

18.7

3333

2867

43

423
4

18.2
10.0

28.5
259
0.006

0.829
98.66
1.34

0.35
0.52
8CK9

10



Supplementary results

Derivation of steady-state rate equations

Kinetic mechanism in Figure 2B of the main article

In the main article the kinetic mechanisms were solved using an assumption that all binding steps are in
equilibrium (rapid equilibrium assumption). Here we solve the same kinetic mechanisms using more
general, steady-state assumption. The equilibrium assumption is used only for the dead-end complexes as
these can be only at equilibrium.

The kinetic mechanism of Figure 2B of the main article is shown in Scheme S1 below but the equilibrium
dissociation constants of non-dead-end complexes are replaced with corresponding rate constants.

ES
S’“Ki@
ki[H,0,]
E <—= EH,0,

k—1
P k,
‘{kredz ox\b‘H2O H.O
232

EuyS Eq - — EH20,

i(H,05)
ASIIS Tl

Scheme S1. Shown is the scheme in the figure 2B of the main article but equilibrium dissociation constants
are replaced with the rate constants as follows: Kmor=k.1/ki, Ksi=ko/ka, and Ks)=k3/ks. P is the single
electron oxidized product. E, Ex), and Eqn, stand for the enzyme resting state, Cpd I, and Cpd II,
respectively. The steady-state concentration of dead-end complexes, ES and E;H.O,, is given by
corresponding equilibrium dissociation constants as in figure 2B of the main article.

To derive the steady-state rate equation the reversible steps in Scheme S1 were first converted to the first
order net rate constants which are as follows.

For:

Ky .
E-SEH0, k= 7"15;1’;]’1’6 (1)

e ’ ka[Slkre
EgpySEpS — ky=-22Te (82)

k_2+Kredar

k; . ks[Slk
Eun 3 EqnS ks = KslSVkreds (S3)

k_3+Kredz

11



The steady-state rate of the formation of single electron oxidized product (P) is given by

v=— d[H;0,] = 4Pl
dt

W = kou[EH,0,] (54)

Steady-state concentration of EH>O, complex can be found as a product of total enzyme concentration (Eo)
and the ratio of its transit time (1/ko) to the total transit time.

EOL
[EH,0,] = Kox (S5)
1( [s] ) 1 1( [Hp05] \, 1 1., 1
—( 1+ +—t+—| 1+ + +—+
K\ Kits)) Kox ky\" Ki(Hp0,)) Kred1 ky Kredz

Combining equations S4 and S5 results in:

d[H,0,] d[P]
V== dztz = Wzkox[EHZOZ]

Eo

Y (PN MY AP P

Kits)) kox kz\ Ki(H,05)) Kred1 ky Kredz

(S6)

K

Replacing the first order net rate constants in eq S6 with eq-s S1-S3 and rearranging results in the steady-
state rate equation for the mechanism depicted in Scheme S1.

v _ kcatlS1[H20,] (S7)
Eo [S][H, 0514 kcat(k— 1+kox)rs] s, kcat(k—2+kred1)rH 0,1( 14 [H205] \, keat(k- 3+kred2)rH 50,1
Koxk1 l(s) Kred1kz Kit,05)) Kredzks

For convenient comparison, the rate equation obtained using rapid equilibrium treatment (eq 4 of the main
article) is reiterated below.

Y ’>‘cat[ 1[H20,] ( ) (eq 4 of the main article)

kcatK,
Eo [S1[H, 0]+ cat®Hy03 [s]( 1+ [s] +kcatK51[H 0,1 1+ [H205] +kcatK52[H 0,]
272 kox Kits))  Krear Ki(Hy02))  Freaz

As in the eq 4 of the main article the ke, in eq S7 is defined as:

KoxKrediKredz
koxKred1tkoxKredz+Kredikredz

kear =

Note that the eq S7 is the same as eq 4 that was derived using rapid equilibrium assumption but the
equilibrium dissociation constants have different expressions in terms of individual rate constants (Table
S3).

12



Kinetic mechanism in Figure 54 of the main article (ky.a route shown with solid arrow in Figure 54 of the
main article).

EmHon

ES
s K Ki(HZOZ)“‘Hzo2
ki[H,0,] Kox
E <—2 EH,0, <> E,

-1 H B
2P Ko k_ZHkZ[S]

k
E S5 £ EyS
K3[S]

Scheme S2. Shown is the scheme in the figure SA of the main article (kiq route shown with solid arrow)
but equilibrium dissociation constants are replaced with the rate constants as follows: Kuor=k.1/k1, Ks=k-.
2/k>, and Kss=k3/ks. P is the single electron oxidized product. E, and E(, stand for the enzyme resting state,
and Cpd I, respectively. The steady-state concentration of dead-end complexes, ES and EH»0», is given
by corresponding equilibrium dissociation constants as in figure SA of the main article.

Like for Scheme S1 the reversible steps in Scheme S2 were first converted to the first order net rate
constants which are as follows.

k; ,
ESEH,0, ky= 71{15:31]?
By S ELs K, = el
7 Ew 2= vk,

ks . k3[S]k
EnS = EySS ey = —2-red

k_3+Kred

Using the net first order rate constants defined above and similar treatment used in deriving the rate equation
for Scheme 1 (see eq-s S4 and S5) resulted in the steady-state rate equation S8.

v _ _dH05] _ 5 dlP] _
Eo dt dt
kcat [S]Z [Hz 02]
k—p, K3kyeqlS] )
1+@\+k”‘“(k'3”‘”“)( 2 ey (ks rhyeq)

Kis) } kreaks

[S]Z[HZOZ]+M[S]Z<

p— {H202]<1+ [H207] >+kcat(k—3+kred)[5][HZOZ]
(S8)

Ki(H,05) kreaks

For convenient comparison, the rate equation obtained using rapid equilibrium treatment (eq 4 of the main
article) is reiterated below.

v _ _dlH0] _ ,dlP] _ keat S1?[H205]

E dt dt kcatKH,0 S kcatKssK. H,0 kcatK,

o [S12[H, 0, ]+—-27H2%2{ 572 1:,([,(]5)\: <Ol ESSES{H, 0, 1=K[,(; ;])\= SOLESS[S][H,0,]
11 I 202

(eq5 of the main article)

13



As in the eq 5 of the main article the ke, in eq S8 is defined as:

k _ koxkred
€at ™ otk
oxTRred

Eq S8 is in the form of eq 5 that was derived using rapid equilibrium assumption but the apparent binding
constants have different expressions in terms of individual rate constants and Ks depends on the
concentration of the substrate (Table S3).

Kinetic mechanism in Figure 54 of the main article (k.a route shown with dashed arrow in Figure 54 of
the main article)

ES F002
S’Tl&(s) Ki(Hzoz)l'FHzo2
ky[H,0], ;
E =2 EH,0, <> E,
?---.---..-..z-;. HZO
S S k_ZHkZ[S]
..... E(I)S

Scheme S3. Shown is the scheme in the figure SA of the main article (k. route shown with dashed arrow)
but equilibrium dissociation constants are replaced with the rate constants as follows: Kmo2=k.1/k1, and
Ks=k/k>. P is the two-electron oxidized product. E, and E( stand for the enzyme resting state, and Cpd I,
respectively. The steady-state concentration of dead-end complexes, ES and E;H.O,, is given by
corresponding equilibrium dissociation constants as in figure SA of the main article.

Again, the reversible steps in Scheme S3 were first converted to the first order net rate constants which are
as follows.

Ky . kylHy0,]k
E_>EH202 k1 — 1[ 2 2] o0x
K1 +Kkox

k; ©_ kz[Slkrea
En=EoS e =305,
Using the same treatment outlined in deriving the rate equation for the Scheme S1 resulted in following
rate equation.
v d[H,0,] _ d[P] kcat[S1[H;0,]

»_ _dlH0,] _ dlP] _ (S9)

Eo dat dat keat(k—1+kox) ( [s] > keat(k—2+Kyeq) ( [H207] )
SI[Hy Op |[+———[S|| 14— |+—— [ H, 05| 1+—=—=—
[S1[H 0] lonky 1S Kits) Kroaka [H20,] Rit,0)

For convenient comparison, the rate equation obtained using rapid equilibrium treatment (eq 6 of the main
article) is reiterated below.

14



d[H,0. d[p Keat[S][Ho0 . .
Do _dlH0,] _ dIP] _ cac[S][H20] (eq 6 of the main article)
Eo dt dt [S][H,0 ]IkcatKHZOZrS] 14 18] \.kcath,H 0,114 [H205]
2727 kox - IKi(s)}I kred wiztz 'Ki(HzOZ)

The kca in the eq S9 (and eq 6 of the main article) is defined exactly as in eq S8 (and eq 5 of the main
article). Note that in eq S9 (and eq 6 of the main article) the P denotes two electron oxidized product.

The steady-state equation S9 is the same as the one derived using rapid equilibrium treatment (eq 6 of the
main article) but apparent binding constants depend on the rate constants of chemical steps (Table S3).
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ABSTRACT: Dye-decolorizing peroxidases (DyPs) are heme-dependent enzymes “**yiie™ | ' L4 ety

that catalyze the oxidation of various substrates including environmental pollutants <« [ long range electron transfer

such as azo dyes and also lignin. DyPs often display complex non-Michaelis—  [o% @@~ [ ] ‘o 7"-'79'-?'qu‘.’»"-‘"-a‘”?-'e»'-‘
L . e ” .. proctethes H,0 *no activity with MHQ

Menten kinetics with substrate inhibition or positive cooperativity. Here, we — <mplex 2 : Bag o susiate nhibiion

performed in-depth kinetic characterization of the DyP of the bacterium z

Streptomyces coelicolor (ScDyPB). The activity of ScDyPB was found to be ~ -

dependent on its concentration in the working stock used to initiate the reactions

as well as on the pH of the working stock. Furthermore, the above-listed

conditions had different effects on the oxidation of 2,2’-azino-di(3-ethyl- Tlowdogeoat Trignasgeoot

oligomerization oligomerization

benzothiazoline-6-sulfonic acid) (ABTS) and methylhydroquinone, suggesting
that different mechanisms are used in the oxidation of these substrates. The kinetics of the oxidation of ABTS were best described by
the model whereby ScDyPB exists as a mixture of two kinetically different enzyme forms. Both forms obey the ping-pong kinetic
mechanism, but one form is substrate-inhibited by the ABTS, whereas the other is not. Gel filtration chromatography and dynamic
light scattering analyses revealed that ScDyPB exists as a complex mixture of molecules with different sizes. We propose that ScDyPB
populations with low and high degrees of oligomerization have different kinetic properties. Such enzyme oligomerization-dependent
modulation of the kinetic properties adds further dimension to the complexity of the kinetics of DyPs but also suggests novel
possibilities for the regulation of their catalytic activity.

H INTRODUCTION high-valent intermediates compound I (Cpd I) and compound
1I (Cpd 11).* Smaller reducing substrates as well as the H,0,

Dye-decolorizing peroxidases (EC 1.11.1.19, DyPs) are
cosubstrate can access the heme through channels that connect

enzymes that catalyze the oxidation of various substrates

using H,0, as an electron acceptor. Although the physiological heme with the protein exterior."”'" To catalyze the oxidation
substrate has not been identified yet, these peroxidases are of substrates with a bulkier size, DyPs are known to apply long-
known to oxidize anthraquinone and azo dyes,l f-carotene,” range electron transfer pathways. In this case, the electrons are
and different phenolic compounds3 including lignin. There has first transferred from the reducing substrate to the solvent-
been a growing interest in DyPs due to their biotechnological accessible amino acid residues at the surface (usually Trp or
potentlal in bioremediation of industrial dyes and valorization Tyr residues) from where they are further transferred to the
of lignin.* high-valent intermediate of heme.'”*°

To date, over 50 different DyPs have been characterized.”® Like for other heme peroxidases, the general ping-pong
These heme-dependent peroxidases are present in both fungal kinetic mechanism of DyPs is well studied and generally
and bacterial species, and the family of DyPs is divided into accepted. At the same time, the molecular mechanisms behind
four subfamilies (type A, B, and C/D) according to their the non-Michaelis—Menten kinetics that are often observed
primary sequences (RedOxiBase) with a sequence identity less with DyPs and characterized by the presence of substrate
than 15% between the subfamilies.””'" All DyPs adopt a inhibition'**' ™2 and cooperative effects'>***”** remain
similar dimeric ferredoxin-like fold consisting of f-sheets and largely unknown. The oligomeric state of DyPs varies from

peripheral a-helices, distinct from well-known peroxidases,
such as horseradish peroxidase.'"' DyPs belong to the CDE
superfamily, a part of the “dimeric a+f barrel super-
family”.">""* Heme is held in the heme cavity, positioned in
the C termmal domain of the monomer, where it is ligated by a
proximal conserved histidine residue.”

Being able to degrade bulky textile dyes and even polymeric
lignin, DyPs differ from classic peromdases48)16 However,
like other heme peroxidases, DyPs obey the ping-pong kinetic
mechanism, by cycling between the ferric resting state and its

monomers to hexamers. Most of the fungal DyPs are
. 1,22,20-33 . .
monomeric; 2% however, the existence of dimers has
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also been described.”* It has been suggested that loop
insertions and the increasing complexity of fungal DyPs favor
the monomeric form by hindering the oligomerization.'"** In
contrast to their fungal counterparts, the bacterial DyPs exist
mostly as oligomers, including dimers,'">®%7*" tet-
264243 pentamers,44 and hexamers.'"*>* Nevertheless,

ramers

some bacterial DyPs have been shown to exist as
3,26,36,47 ; .

monomers” """ or as a mixture of enzyme populations

with different degrees of oligomerization such as monomer and
dimer**™° and monomer and oligomer (1 = 4—6).>' "> The
DyP from Thermomonospora curvata was shown to exist as a
mixture of dimer, tetramer, and octamer.”” Furthermore, many
bacterial DyPs are often loaded as cargo proteins into the
encapsulin nanoparticles,****37 where they exist at an even
higher degree of oligomerization.”* Although it has been
shown that the DyP—encapsulin complex has higher lignin
degrading activity compared to nonencapsulated DyP** and
that monomeric forms may be deficient in the binding of
heme,*”>>? little is known about the relations between the
degree of oligomerization of DyPs and their catalytic activity.

Here, we performed an in-depth kinetic characterization of
the subfamily B DyP of the bacterium Streptomyces coelicolor
(ScDyPB) along with analyses of its size distribution. Our
results suggest that ScDyPB exists as a mixture of enzyme
forms with different degrees of oligomerization, which differed
in their catalytic properties.

B MATERIALS AND METHODS

ABTS (lot no. SLBT0759) and methylhydroquinone MHQ
(lot no. BCBH9920 V) were purchased from Sigma-Aldrich.
BSA (lot no. K00113-223S, Fraction V) was obtained from GE
Healthcare. The concentration of the H,0, stock solution
(Honeywell, lot # SZBG2070) was determined spectrophoto-
metrically at 240 nm using an extinction coefficient of 39.4
M™! em™.%° Dilutions of a H,0, stock solution were prepared
in water before use. Milli-Q (mQ) ultrapure (type 1) water
was used in all experiments.

Recombinant ScDyPB. Dye-decolorizing peroxidase from
S. coelicolor A3(2) (ScDyPB, UniProtKB Q9FBY9) was
overexpressed in Escherichia coli BL21 (DE3), purified, and
reconstituted with hemin as described in Pupart et al.”* The
concentration of ScDyPB was determined by the absorbance of
the heme at 406 nm using an extinction coefficient of 100,000
M cm™ or by the absorbance at 280 nm using an extinction
coefficient of 18,450 M~ cm™. The concentration of the
enzyme storage stock was 18.1 + 0.6 uM (based on the
absorbance at 406 nm) and 39.0 + 1.6 uM (based on the
absorbance at 280 nm). In all experiments, the enzyme was
dosed based on its concentration measured by the absorbance
of heme. ScDyPB was stored at —80 °C as frozen aliquots in 20
mM Tris-HCI (pH 7.5) containing 0.1 M NaCl. ScDyPB
working stocks were made by the dilution of the storage stock
to the appropriate buffer containing 0.1 g L™ BSA and 0.1 M
NaCL

Measuring the Activity of ScDyPB. ABTS and MHQ
were used for the kinetic characterization. If not stated
otherwise, the activity measurements were performed in 50
mM sodium acetate (pH 4.0) in a spectrophotometer
(Shimadzu UV-1900i UV—vis) cuvette at 25 °C in a total
volume of 1.0 mL. The oxidation of ABTS was measured by
the increase in the absorbance at 420 nm (g,,, = 36,000 M~
cm™) and that of MHQ by the increase in the absorbance at
251 nm (&,5; = 21,450 M~" cm™).”” Reactions were started by

3867

the addition of the enzyme from its working stock to a cuvette
containing a mixture of the reducing substrate and H,0O,. The
nonenzymatic oxidation of substrates was measured in the
experiments without the enzyme, and all activity measurements
were corrected for this background. If not stated otherwise, the
oxidation of ABTS was measured using 1 mM ABTS and 100
uM H,0,, and the oxidation of MHQ was measured using 1
mM MHQ and 1 mM H,0,. The oxidation of textile dyes
reactive blue 4 (RB4) and 19 (RB19) was tested using 0.1S
UM ScDyPB, 0.1 mM, dye, and 1.0 mM H,0, in 50 mM NaAc
(pH 4.0) at 25 °C. Oxidation of the RB4 was measured by the
decrease of the absorbance at 610 nm using an &g, of 4200
M™ cm™ and by that of RBI9 at 595 nm using an €595 of
10,000 M™! cm™. The data were analyzed by using
STATISTICA 8.0 and GraphPad Prism 5 software.

Inactivation of ScDyPB by H,0,. 1.5 uM ScDyPB in 50
mM NaAc (pH 4.0) or 20 mM Tris-HCl (pH 7.5) (both
supplemented with 0.1 g L™ BSA) was preincubated with
H,0, (0—5 mM) at 25 °C. At selected times, a 10 yL aliquot
was withdrawn and added to the cuvette containing 990 uL of
the mixture of 1 mM ABTS and 0.1 mM H,0, and the activity
was measured by the increase in the absorbance at 420 nm.

Gel Filtration Chromatography. A Superdex 75 Increase
10/300 GL column (GE Healthcare) was equilibrated with 20
mM Tris-HCl and 0.1 M NaCl, pH 7.5. 100 uL of 18.1 uM
ScDyPB was injected, and the column was eluted with
equilibration buffer at a flow rate of 0.5 mL min~". Elution
of the proteins was monitored by the absorbance at 280 nm.
The high-molecular weight gel filtration calibration kit
(Cytiva) contained ovalbumin (43 kDa), conalbumin (75
kDa), aldolase (158 kDa), and ferritin (440 kDa). The
standard proteins were dissolved in Tris-HCl buffer (20 mM,
pH 7.5, supplemented with 0.1 M NaCl) and used for
calibration.

Dynamic Light Scattering. Dynamic light scattering
(DLS) analyses were performed using a Zetasizer Nano S
particle size analyzer (Malvern Panalytical) with a constant 173
C scattering angle at 25 °C and the laser wavelength of 633
nm. Before DLS analysis, the buffers (20 mM Tris-HCl, pH
7.5, 0.1 M NaCl, or S0 mM NaAc mM, pH 4.0) were filtered
through a sterile syringe filter with 0.22 ym pore size. The
sample volume used for analysis was 80 uL, and the
concentration of ScDyPB was 1.5 uM. The scattering intensity
data were processed using instrumental software to obtain the
hydrodynamic diameter (D) and the size distribution of
scatters in each sample.

Spectra of ScDyPB. The UV—vis absorption spectra of
ScDyPB were recorded at 250—700 nm using a Shimadzu UV-
1900i UV—vis spectrophotometer at 25 °C. After recording the
spectrum of 3.6 yM ScDyPB in 4 mM Tris-HCl (pH 7.5,
supplemented with 20 mM NaCl) in 0.5 mL total volume, the
pH was brought to 4.0 by the addition of 26 L of 1.0 M NaAc
(pH 4.0) and spectra were recorded again. Finally, 150 uL of
1.0 M Tris-HCl (pH 7.5) was added, and spectra were
recorded.

B RESULTS

Measuring the Activity of ScDyPB. Kinetic character-
ization of ScDyPB was performed using two reducing
substrates: a conventional peroxidase substrate, 2,2'-azino-
di(3-ethyl- benzothiazoline-6-sulfonic acid) (ABTS), and a
phenolic substrate, methylhydroquinone (MHQ). ABTS is a
one electron-donating substrate, and its oxidation can be
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followed by the absorbance of the ABTS cation radical product
(ABTS™) at 420 nm. MHQ is a two electron-donating
substrate, and its oxidation can be followed by the absorbance
of the methylquinone (MQ) product at 251 nm (Scheme 1).

Scheme 1. Oxidation of 2,2'-Azino-di-(3-ethyl-
benzothiazoline-6-sulfonic acid) (ABTS) and
methylhydroquinone (MHQ)“

CH
NF 3 (CHs
. o\\ >:N\ _ N
NH4 O_S\\ s N_< | //o +
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g o
+eu-e ABTS
—CHs CH
NH4 k /©[ N_< :©\ _ NHj
4

ABTS cation radical (420 nm)

S E 0 S L

MHQ MQ (251 nm)

“One-electron oxidation of ABTS to the ABTS cation radical and
two-electron oxidation of MHQ to methylquinone (MQ) (absorption
maxima at 420 and 251 nm, respectively).

All peroxidase reactions were carried out in a spectropho-
tometer cuvette at 25 °C. Reactions were started by the
addition of the enzyme from its working stock to the cuvette
containing the mixture of the reducing substrate and H,O,,
and all rates correspond to the initial rates (measured between
30 and 60 s, Figure 1A,B). The pH optima of the oxidation of
both substrates were around 4 (Figure 1C), and all further

activity measurements were made in 50 mM sodium acetate
(NaAc), pH 4.0.

Dependency of the Activity on the Concentration of
ScDyPB. As expected for the enzyme-catalyzed reactions, the
rate of the oxidation of both ABTS and MHQ scaled linearly
with the concentration of the ScDyPB in the cuvette (Figure
2A,B). However, we found that the activity of ScDyPB was
dependent on its concentration in the working stock used for
the initiation of the enzyme reactions in the cuvette as well as
on the pH of the working stock. Furthermore, the presence
and the direction of these effects were dependent on the
substrate used for the activity measurements. With ABTS as
the substrate, the activity of the enzyme from the working
stock made in NaAc pH 4.0 was about 1.5—2.5-fold
(depending on the concentration of ScDyPB in the working
stock) higher than that from the working stock made in Tris
pH 7.5 (Figure 2A). The opposite was true for the activity
measured with MHQ where the reactions that started from the
working stock made in NaAc pH 4.0 had about sixfold lower
activity compared to those made in Tris pH 7.5 (Figure 2B).

With ABTS as the substrate, we made a series of activity
measurements using different ScDyPB concentrations in the
working stock. The activity seemed to reach a plateau value
with an increasing concentration of ScDyPB in the working
stock (Figure 2C). An apparent half-saturating concentration
of ScDyPB in the working stock made in 20 mM Tris pH 7.5
was about 0.38 uM, whereas the corresponding figure for the
working stock made in 50 mM NaAc pH 4.0 was below 0.03
uM (Figure 2C). We note that in all cases, the concentration
of ScDyPB in the cuvette was 15 nM. The simplest explanation
for this phenomenon would be a nonspecific binding of
ScDyPB to the laboratory plastics, like microcentrifuge tubes
used for preparing enzyme working stocks. The results of the
preliminary experiments, indeed, suggested that such non-
specific binding exists but not in the presence of BSA that was
present (at 0.1 g L™!) in the working stocks of ScDyPB used in
all experiments shown in this work. Furthermore, one may
expect that the nonspecific binding to laboratory plastics would
have similar effects on the activities measured using different
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Figure 1. Dependency of initial rates of reducing substrate oxidation on pH by ScDyPB. The time curves of the oxidation of (A) ABTS and (B)
MHQ. The pH values are given in the plot. (C) Dependency of the initial rates (measured between 30 and 60 s) of the oxidation of ABTS and
MHQ on pH. All reactions were performed at 25 °C. Buffers were SO mM sodium citrate (for pH 3.0 and 3.5), S0 mM sodium acetate (for pH
4.0—5.0), and 50 mM Bis—Tris—HCI (for pH 5.5 and 6.0). Reactions were initiated by the addition of the ScDyPB from its working stock (1.5 uM
ScDyPB in 20 mM Tris-HCl pH 7.5 supplemented with 0.1 g L™ BSA and 0.1 M NaCl) to the cuvette containing the mixture of the substrate and
H,0,, The final concentration of the ScDyPB in the cuvette was 15 nM. The oxidation of ABTS was measured using 1 mM ABTS and 100 uM
H,0,. The oxidation of MHQ was measured using 1 mM MHQ_(note that MHQ preparation had a high background absorbance at pH 6.0) and 1
mM H,0,. Data are presented as average values (n = 3, independent experiments), and error bars show SD. For clarity, the error bars are not
shown for the traces in panels (A) and (B).
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Figure 2. Dependency of the activity on the concentration of ScDyPB in the cuvette and in its working stock. All reactions were performed in NaAc
buffer (50 mM, pH 4.0) at 25 °C. The oxidation of ABTS was measured using 1 mM ABTS and 100 4M H,0, and the oxidation of MHQ with 1
mM MHQ and 1 mM H,0,. The rates of oxidation of (A) ABTS and (B) MHQ at different concentrations of ScDyPB in the cuvette. The
concentration of ScDyPB in its working stock and the pH of the working stock are shown in the figure. Solid lines show the linear regression of the
data. (C) Dependency of the ABTS oxidizing activity of ScDyPB on its concentration in the working stock. The pH of the ScDyPB working stock is
shown in the figure. The concentration of the ScDyPB in the cuvette was 15 nM. The working stocks of ScDyPB, with concentrations of 30 nM—5
uM, were prepared in 20 mM Tris pH 7.5, 0.1 M NaCl, or 50 mM NaAc pH 4.0 buffers (both supplemented with 0.1 g L™" BSA). Data are
presented as average values (n = 3, independent experiments), and error bars show SD.

substrates such as ABTS and MHQ, which was clearly not the
case in this study (Figure 2A,B).

The higher activity measured in the reactions that started
from the working stocks with higher enzyme concentrations
can be explained by the enzyme being active as an oligomer. In
the case of reversible binding, the relative concentration of the
oligomeric form is expected to increase with an increasing total
concentration of the enzyme. However, the relaxation to a
possible binding equilibrium between different oligomeric
states must be slow enough not to be achieved during the
activity measurements in the cuvette. The results of several
control experiments made using different preincubation times
of ScDyPB working stocks suggested that the establishment of
the possible new equilibrium upon the dilution of ScDyPB
working stocks was relatively slow (compared to the time
frame of the activity measurement). Furthermore, higher
activity was observed when ABTS was present in preincubation
of the ScDyPB working stock (Figure S1). These results
suggest that equilibrium between different possible oligomeric
forms of ScDyPB that has been established in its working stock
is at least partly retained during the activity measurement in
the cuvette. Since higher total enzyme concentration is
expected to favor the association, the higher activity observed
in the case of higher concentration of ScDyPB in its working
stock (Figure 2C) suggests that higher oligomeric forms have
higher ABTS oxidizing activity. If that is the case, the lower pH
of the working stock seems to favor the higher oligomeric
forms of ScDyPB (Figure 2A,C). Although there was little
dependency between the MHQ oxidizing activity and the
concentration of ScDyPB in its working stock, the lower
activity observed with working stocks made at pH 4.0
(compared to those made in pH 7.5) (Figure 2B) suggests
that contrary to the ABTS, the higher oligomeric forms have
lower MHQ_oxidizing activity. We also tested the oxidation of
two textile dyes, RB4 and RB19, by ScDyPB (using 0.1 mM
dye and 1.0 mM H,0,), but the activity with these substrates
was low with apparent rates of 0.66 + 0.04 and 0.58 + 0.02 s~
for RB4 and RB 19, respectively.

Effects of Additives on the Activity of ScDyPB. As
shown above, the pH of the ScDyPB working stock had
differential effects depending on which substrate, ABTS or
MHQ, was used for the activity measurement (Figure 2A,B).
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Here, we tested the effects of different additives (ammonium
sulfate, DMSO, methanol, Tween-20, and ethylene glycol) in
the ScDyPB working stock (1.5 #M ScDyPB in 20 mM Tris-
HCI pH 7.5 supplemented with 0.1 g L™ BSA and 0.1 M
NaCl) to the ABTS and MHQ oxidizing activity. Among the
compounds tested, only the presence of ammonium sulfate in
the working stock of ScDyPB had a significant effect on the
activity (Figure 3). The presence of 1.0 M ammonium sulfate
in the working stock resulted in about a twofold increase in
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Figure 3. Effects of different additives in the working stock of ScDyPB
on the ABTS and MHQ oxidizing activity. Prior to the activity
measurements, the ScDyPB working stock (1.5 uM ScDyPB in 20 mM
Tris-HCl pH 7.5 supplemented with 0.1 g L™ BSA and 0.1 M NaCl)
was incubated for 30 min at 25 °C in the presence of different
compounds as indicated in the figure. The activity was measured in 50
mM NaAc at pH 4.0 using 15 nM ScDyPB (100-fold dilution of the
working stock to the cuvette). The activity was measured using 1 mM
ABTS and 100 M H,0, or 1 mM MHQ and 1 mM H,0,. Data are
presented as average values (n = 3, independent experiments), and
error bars show SD.
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Figure 4. Kinetics of the oxidation of ABTS by ScDyPB. Dependency of initial rates of the oxidation of ABTS on the concentration of (A) ABTS
and (B) H,0, and the dependency of apparent parameters (C) k¥, (D) Kyi(ffo,), and (E) kZ®P/Kyff o,) on the concentration of ABTS. Reactions

cat ) cat
were made in SO mM NaAc (pH 4.0) at 25 °C. The concentration of ScDyPB was 15 nM, and the reactions were initiated by the addition of
ScDyPB from the working stock with 1.5 uM ScDyPB in 20 mM Tris pH 7.5 (supplemented with 0.1 g L™ BSA and 0.1 M NaCl). Solid lines in
(A) and (B) show the global nonlinear regression of the data according to eq 2. The concentration of the substrate that has been kept constant
within the series is indicated in the plot. The values of apparent kinetic parameters for H,0, shown in panels (C—E) were derived by nonlinear
regression analysis of the data in panel (B) according to the Michaelis—Menten equation (eq S1, for the fit, see Figure S2B). Data are presented as
average values (n = 3, independent experiments), and error bars show SD.

ABTS oxidizing activity, whereas there was about a fourfold any concentration of ABTS (Figure 4B). However, when
decrease in the MHQ_oxidizing activity (Figure 3). Control incubated with H,0, in the absence of ABTS, the ScDyPB was
experiments made with 0.01 M ammonium sulfate in the irreversibly inactivated (Figure S3). The rate of inactivation
cuvette showed no effect on the activity (data not shown), increased with increasing concentration of H,0,, and the
confirming that the observed effects were caused by the second order rate constants of 4.9 + 0.3 and 6.2 £ 0.9 M™' s~
presence of ammonium sulfate in the working stock of were found for H,0,-driven inactivation of ScDyPB at pH 4.0
ScDyPB. The opposite effects of ammonium sulfate on the and 7.5, respectively (Figure S3).
activity with ABTS and MHQ_corroborate with the effects of When the concentration of H,O, was treated as a variable,
the pH of the working stock (Figure 2A,B) and suggest that the rate of ABTS oxidation was well in line with the simple
different oligomeric forms of ScDyPB may be responsible for Michaelis—Menten equation (Figure S2B and eq SI).
the oxidation of ABTS and MHQ. However, the dependency of apparent parameters for H,O,
Kinetics of the Oxidation of ABTS. All experiments (kEP, K0, and k¥P/Kiifo,) on the concentration of
described above were performed using ABTS and H,0, ABTS (Figure 4C—E) was more complex than expected for
concentrations of 1.0 and 0.1 mM, respectively. Here, we ping-pong peroxidase kinetics with substrate inhibition by

performed experiments with varied concentrations of ABTS ABTS. The dependency of k%P (Figure 4C) on [ABTS] does

cat

(0.01-3.0 mM) and H,0, (0.01—1.0 mM). The concentration not follow simple saturation with ABTS according to the

of ScDyPB in the cuvette was 15 nM, and the reactions were hyperbola (eq S2) but shows a drop in the parameter value
started by the addition of ScDyPB from the working stock with between 0.1 mM and 0.2 mM ABTS. Furthermore, an
1.5 uM ScDyPB in 20 mM Tris pH 7.5 (supplemented with 0.1 apparent k,/Ky(11,0,) does not approach zero with increasing
g L™ BSA and 0.1 M NaCl). The dependency of the rates on [ABTS] (eq S3) but levels to a constant value of 65.7 + 2.7
the concentration of ABTS shows substrate inhibition by mM™ s7" after the initial drop with increasing [ABTS] (Figure
ABTS with the effect being more prominent at low 4E). When the concentration of ABTS was treated as a
concentration of H,0, (Figure 4A, see Figure S2A for the variable, both the Michaelis—Menten equation and the
zoom-in of the data at the region of low H,0, concentrations). equation accounting for the substrate inhibition failed to
Substrate inhibition by one substrate at a low concentration of describe the kinetics. The characteristic feature of the kinetics
the other substrate is a kinetic signature of the enzymes of ABTS oxidation was a slight drop or retardation in the rates
obeying a ping-pong kinetic mechanism such as heme observed around ABTS concentrations of 0.1—0.2 mM, which
peroxidases. There was no substrate inhibition by H,O, at was followed by the increase in rates with a further increase in

3870 https://doi.org/10.1021/acsomega.3c07963
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Figure S. Analysis of the size distribution of ScDyPB. (A) Gel filtration chromatogram of ScDyPB in 20 mM Tris-HCl (pH, 7.5) (supplemented
with 100 mM NaCl). Black squares show the elution volume of standard proteins: ferritin (440 kDa), aldolase (158 kDa), conalbumin (75 kDa),
and ovalbumin (44 kDa). The red line shows linear regression analysis of the mobility of the standard proteins used for calibration. The red square
shows the expected elution volume of the ScDyPB monomer. (B, C) Dynamic light scattering (DLS) analysis of 1.5 M ScDyPB in SO mM NaAc
pH 4.0, in 20 mM Tris pH 7.5, and in 20 mM Tris pH 7.5 supplemented with 1.0 M ammonium sulfate (as indicated in the plot). Size distribution
based on the intensity (B) or volume (C). Traces show the average of at least four consecutive scans.

[ABTS]. This kinetic phenomenon was best revealed in the
series made at higher H,O, concentrations (Figure 4A).

The simplest kinetic mechanism that can account for the
above-described phenomenon assumes the enzyme to be active
as two independent, kinetically different forms. One form of
the enzyme (form II, E") is a subject of substrate inhibition by
ABTS, whereas the other form (form I, E') follows the
Michaelis—Menten saturation kinetics. Assuming that the two
forms are independent, the rate equation can be written as a
sum of the two steady-state rate equations (eq 1)

()1 [ ABTS][H,0,]
Vx [E]() cat| 2V

[El, Ryr(ars)[H,0,]1 + Kyy(11,0,)[ABTS] + [ABTS][H,0,]

N ABTS](H,0,]
Bl eat 20,

+

[ABTS]
m] + [ABTS][H,0,]
(€]

In eq 1, the enzyme forms I and II and corresponding kinetic
parameters are designated with superscripts I and II,
respectively. The enzyme form I follows ping-pong kinetics,
whereas form II follows ping-pong kinetics with substrate
inhibition by ABTS. This equation was able to account for
experimentally observed kinetic peculiarities, like a “kink in the
curve” observed after 0.1 mM ABTS (Figure 4A). Global
nonlinear regression analysis of the data in Figure 4A according
to eq 1 predicted the [E'lk./[Ely, Kyaprs), and Kyu,o,)'
values of 59 + 3 57!, 1.0 + 0.12 mM, and 0.89 + 0.06 mM,
respectively (for the fit, see Figure S4A). However, because of
the interdependency between the parameters, the values of the
kinetic parameters for enzyme form II came with a large
standard deviation. Precise determination of the parameter
values for two different enzyme forms apparently assumes
measurements under the experimental conditions where one of
the forms is predominant and the contribution by the other is
insignificant. Since the activity of ScDyPB was higher (with 1.0
mM ABTS and 0.1 mM H,0,) when the reactions were
started from the working stock made in 50 mM NaAc pH 4.0
(Figure 2C) instead of 20 mM Tris pH 7.5, we also tested the
1.5 uM ScDyPB working stock made in pH 4.0 in making the
series with varying [ABTS] and [H,0,]. Although the general
activity was higher, apparent biphasic kinetics persisted also in
these experiments, suggesting that ScDyPB existed in two

Kiy(anrs) H,0,] + KQ(HZOZ)[ABTSJ(l +
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kinetically different forms also in S0 mM NaAc pH 4.0 (data
not shown).

In order to evaluate the relative abundancy of enzyme forms,
we further assume that the two enzyme forms have the same
values of kinetic parameters and they differ only by the
presence of substrate inhibition in the case of form E™. In this
case, eq 1 simplifies to

ﬂk [ABTS][H,0,]
v, B, cat 202

[Ely ~ KyarsH;0,1 + Kyy,0,)[ABTS] + [ABTS][H,0,]

(1

Kyy(anrs)[H20,] + Kyyap,0,) [ABTS J(I +

']
. - ﬂ)kcat[ABTS][Hzozl

[ABTS]

K‘(ms)) + [ABTS][H,0,]

@)

Global nonlinear regression analysis of the data in Figure 4A
according to eq 2 predicted the relative abundancy of forms I
([E"/[E],) and II (1 — [E"]/[E],) of 0.18 + 0.01 and 0.82 +
0.01, respectively. The estimates of common parameter values
for both forms were 327 + 28 s7%, 0.95 + 0.09 mM, and 0.89 +
0.06 mM, for ke, Kyaprs) and Kyi,o,) respectively. The

estimate of the Kixprs) was 4.12 + 0.36 uM. Despite having
two parameters less, the fitting according to eq 2 was not
significantly worse than that according to eq 1 with R* values of
0.9957 and 0.9962, respectively (for the comparison of fits, see
Figure S4A,B). The high k., value obtained from the analysis
according to eq 2 is a result of the low abundancy of the
nonsubstrate inhibited form. Despite strong substrate inhib-
ition, the enzyme form E" has significant contribution to the
overall activity at [ABTS] below 0.1 mM (Figure S4C,D).
ScDyPB Exists in Oligomeric Forms with Different
Sizes. The results of the kinetic studies described above
suggested that ScDyPB may exist as a mixture of different
oligomeric forms. Here, we analyzed the size distribution of
ScDyPB using gel filtration chromatography and dynamic light
scattering (DLS). Analysis using a Superdex-75 column
showed that at pH 7.5, the ScDyPB eluted as two peaks. A
dominant peak with an apparent molecular weight of 91 kDa
and a smaller peak eluted close to the void volume of the
column (MW of about 450 kDa) (Figure SA). Considering the
molecular weight of ScDyPB of 34 kDa, the dominant peak
corresponds to an apparent trimer. The shoulder in the region
of the expected elution of the ScDyPB monomer suggests that

https://doi.org/10.1021/acsomega.3c07963
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the dominant peak may correspond to the mixture of mono-
and trimeric ScDyPB. Unfortunately, the gel permeation
chromatographic analysis at pH 4.0 but also at pH 7.5 but in
the presence of 1.0 M ammonium sulfate was not possible. At
pH 4.0, ScDyPB precipitated at high concentrations necessary
for this analysis (14.5 #uM) and at pH 7.5, but in the presence
of 1.0 M ammonium sulfate, the elution of ScDyPB was
retarded because of the interaction with the column matrix.
DLS analyses were also applicable at pH 4.0 and 7.5 in the
presence of 1.0 M ammonium sulfate. In the case of all
conditions tested, the ScDyPB existed as a complex mixture of
particles with different sizes with the diameter ranging from 9
nm to more than 4 ym. However, although intensity-based size
distribution revealed the presence of large aggregates (Figure
5B), the relative contribution of ScDyPB engaged in these
aggregates was less than 1% as judged by the volume-based size
distribution analysis (Figure SC). The majority of ScDyPB
appeared in the population of oligomers with an average size of
around 10 nm (Figure SC and Table 1). The lowest average

Table 1. DLS Analysis of the Mean Size and Relative
Contribution of ScDyPB Oligomers®

experiment intensity-based  volume-based volume-based
conditions size (nm) size (nm) contribution (%)
pH 7.5 9.8 +£0.7 7.6 £0.3 99.6 + 0.4
pH75+1M 132 + 04 10.4 + 0.4 99.1 + 0.2
(NH,),80,
pH 4.0 109 + 0.4 93 £03 99.3 £ 02

“Calculated based on the size distribution of intensity (Figure SB)
and volume (Figure SC). Mean sizes are calculated from at least four
DLS scans, and error bars show SD.

size of ScDyPB oligomers was observed at pH 7.5 followed by
pH 4.0 and pH 7.5 but in the presence of 1.0 M ammonium
sulfate (Figure SB,C and Table 1). Although the average size of
oligomers depends on which distribution, intensity, or volume
was used for the size calculation, the trends were the same.
Addition of ammonium sulfate led to the increase in the
average size of ScDyPB oligomers, and higher oligomers were
observed at pH 4.0 compared to pH 7.5 (Table 1).

We also recorded the UV—vis spectra of ScDyPB at pH 7.5
and pH 4.0 (Figure SS). At both pH values, there was a clear
absorbance of the Soret band around 400 nm, characteristic for
heme proteins. Changing the pH from 7.5 to 4.0 resulted in an
increase in the absorbance at all wavelengths, but the effect was
more prominent at shorter wavelengths, suggesting the
contribution of the light scattering. This observation is
corroborated by the higher abundancy of large particles
observed in DLS spectra at pH 4.0 compared to pH 7.5
(Figure SB,C). Of note, the pH-dependent changes in the
UV—vis spectrum were reversible as the adjustment of pH
from 4.0 back to 7.5 restored the initial absorbance spectrum
measured at pH 7.5 (Figure SS).

B DISCUSSION

DyP peroxidases often display complex, non-Michaelis—
Menten kinetics with substrate inhibition by H,0,,>"**** by
the reducing substrate,'**** or by both.”> An apparent
positive cooperativity with the reducing substrate has also been
observed with many DyP peroxidases.>***”*® Kinetics of
heme peroxidases are well studied, and they obey a ping-pong
kinetic mechanism. Catalysis is initiated by the binding of
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H,0, to the heme in its resting state (Fe**) followed by two-
electron oxidation of the heme and formation of the reactive
intermediate known as compound I (Cpd 1).* Cpd I is
reduced back to the resting state via two consecutive one-
electron transfer steps from the reducing substrate. Electrons
may be transferred directly from the reducing substrate to Cpd
I, but many DyPs have shown to employ long-range electron
transfer where the reducing substrate is oxidized at surface
binding sites.'??%%77¢" The latter strategy is used in the
oxidation of bulky substrates that cannot pass through the
heme access channel(s).

Substrate inhibition is a phenomenon that is often observed
with enzymes obeying a ping-pong kinetic mechanism, and it
happens when substrates bind to the “wrong form” of the
enzyme. In the case of DyP peroxidases, it assumes the binding
of the reducing substrate to the enzyme resting state in a way
that competes with the binding of H,0,. The substrate
inhibition by H,0, occurs when H,0, binds to Cpd I and
restricts its reduction by the reducing substrate. The ScDyPB
studied here was substrate-inhibited by ABTS but not by H,0,
(Figure 4A,B). Analysis of the structure of ScDyPB (PDB:
4GU7) reveals the presence of one heme access channel, a
propionate pocket with a bottleneck radius of 2.45 A that can
possibly accommodate ABTS (Figure 6A). The heme access
channel of ScDyPB is similar to the well-studied DtpB of the
bacterium Streptomyces lividans.”> Thus, it seems plausible that
substrate inhibition of ScDyPB involves the entrance of the
ABTS through the propionate pocket and binding to the heme
resting state. Inactivation of ScDyPB upon incubation with
H,0, (Figure S3) in the absence of ABTS suggests that H,0,
can interact with Cpd I. Such binding would compete with the
direct binding of ABTS to the heme but not with the possible
binding to the surface site. In latter case, the oxidation of
ABTS would be kinetically favored by the factor of more than
10* (k®P/Kiffi,0,) for the oxidation of ABTS of 65.7 + 2.7
mM™" s7! Figure 4E, versus rate constant for inactivation by
H,0, of 0.0049 + 0.0003 mM™" s™!, Figure S3) and provides
possible explanation for the absence of substrate inhibition by
H,0,.

Characteristic to the enzyme catalyzed reactions, the rate of
the oxidation of ABTS and MHQ_ was proportional to the
concentration of the ScDyPB in the reaction (Figure 2A,B).
However, we found that the rates of ABTS oxidation were
dependent on the concentration of ScDyPB in its working
stock used to initiate the reactions. Higher rates were observed
at higher concentrations of ScDyPB in the working stock
(Figure 2C). The in-depth kinetic characterization of the
oxidation of ABTS (Figures 4 and S4) suggests that ScDyPB
exists as a mixture of at least two kinetically different enzyme
forms, with one being inhibited by ABTS but not the other
one. Size exclusion chromatography and DLS analyses revealed
that ScDyPB, indeed, exists as a complex mixture of oligomers
and aggregates with different sizes (Figure S). Furthermore,
the lower pH (pH 4.0 versus 7.5) and supplementation with
ammonium sulfate seemed to favor a higher degree of
oligomerization (Figure SB,C and Table 1). It is also important
to note that while ScDyPB working stocks made at pH 4.0
resulted in higher ABTS oxidizing activity when compared to
the working stocks made at pH 7.5 (Figure 2A), the opposite
was true for the oxidation of MHQ_(Figure 2B). Similarly, the
presence of 1.0 M ammonium sulfate in the working stock of
ScDyPB increased the ABTS oxidizing activity but decreased
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Figure 6. Structure of ScDyPB and simplest possible mechanism of the formation of kinetically different forms of the enzyme. (A) Structure of
ScDyPB (PDB: 4GU7). The structure of the ScDyPB monomer, where a- helices, f-sheets, and loops are colored blue, pink, and tan, respectively.
The heme is shown as a stick model. Nitrogen, oxygen, and iron atoms are colored blue, red, and brown, respectively. The inset shows the heme
access channel of ScDyPB, the propionate pocket (left). The ScDyPB hexamer (trimer of dimers), with dimers shown in different colors and the
approximate dimensions of the hexamer (right). (B) Simplest mechanism of the catalysis by ScDyPB that explains the experimental observations of
this study. ScDyPB exists as an equilibrium (slow compared with the time frame used for the activity measurements) of the enzyme forms with low
(LDO form) and high degrees of oligomerization (HDO form). For the simplicity of visualization of the concept, the LDO- and HDO forms are
represented by the monomer and dimer, respectively (in a real system, the degree of oligomerization of both forms is much higher). In their resting
state (RS), both forms of the enzyme can be oxidized by H,0, to form an active intermediate, compound I (Cpd I). In the case of ABTS as the
reducing substrate, the RS is restored by the long-range electron transfer to Cdp I. For MHQ, there is no surface binding site, and Cpd I is reduced
via direct electron transfer to the heme iron. The heme access channel is assumed to be inaccessible for the reducing substrate in the enzyme in its
HDO form. Therefore, the oxidation of MHQ occurs only with the enzyme in its LDO form. Substrate inhibition by ABTS results from the
nonproductive binding of ABTS to the heme (NP) and is possible only with the enzyme in its LDO form. Thus, the conditions that favor the HDO
form of ScDyPB will decrease the MHQ_oxidizing activity through blockage of the access to the heme and increase ABTS oxidizing through
relieving substrate inhibition. Note that possible substrate inhibition by MHQ_ and oxidation of ABTS through direct electron transfer do not
change the general outcome of the model and are omitted for simplicity.

the MHQ_oxidizing activity (Figure 3). Collectively, these
results suggest that different mechanisms are used in the
oxidation of ABTS and MHQ and that these mechanisms are
differently affected by the degree of oligomerization of
ScDyPB.

The simplest mechanism that would explain the results of
this study is depicted in Figure 6B, and it relies on the four
following assumptions. (i) ScDyPB exists as a mixture of two
enzyme forms (we note that assuming just two enzyme forms
may be an oversimplification, but including more forms leads
to the overparametrization of the rate equations that do not
permit quantitative analyses) with different degrees of
oligomerization. One form has a high degree of oligomeriza-
tion (HDO form), whereas the other form has a low degree of
oligomerization (LDO form). (ii) ABTS can be oxidized at the
surface binding site through the long-range electron transfer,
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but there is no such possibility with smaller substrate MHQ.
Oxidation of MHQ takes place in a direct contact with Cpd I
(note that there is no need to exclude this possibility for the
oxidation of ABTS). (iii) Substrate inhibition by ABTS
involves the binding of ABTS to the heme resting state
competing with the binding of H,0, and Cpd I formation. (iv)
Direct access of ABTS and MHQ to the heme and Cpd I is
possible only with the LDO form of ScDyPB, but H,O, has
access to the heme of ScDyPB in its both LDO and HDO
forms.

Relative contribution of the HDO form increases with an
increasing concentration of ScDyPB in its working stocks.
Since the direct access of reducing substrates to heme in the
HDO form is blocked, the substrate inhibition by ABTS is
relieved, while the oxidation through long-range electron
transfer is unaffected. The net result is increased ABTS

https://doi.org/10.1021/acsomega.3c07963
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oxidizing activity with increasing concentration of ScDyPB in
its working stocks (Figure 2). Without long-range electron
transfer, as proposed for the MHQ_substrate, the blockage of
the heme access channel in the HDO form will abolish the
MHQ  oxidizing activity, and it decreases with increasing
concentration of ScDyPB in its working stocks (Figure 2). As
indicated by the increased average size of ScDyPB oligomers,
the lower pH of the ScDyPB working stock as well as the
presence of ammonium sulfate in it also seems to increase the
relative concentration of the HDO form (Table 1). The result
is increased ABTS but decreased MHQ_oxidizing activity in
the experiments with the ScDyPB working stock made at pH
4.0 (Figure 2) but also at pH 7.5 in the presence of 1.0 M
ammonium sulfate (Figure 3).

Long-range electron transfer involves accessible Trp or Tyr
residues at the surface of the enzyme. There are two Trp and
five Tyr residues in ScDyPB, and all of them, except Tyr 141,
are in the solvent-accessible surface. Although the use of
surface binding site(s) by ScDyPB remains to be exper-
imentally validated, its ability to oxidize bulky dyes RB4 and
RB19 and polymeric lignin® suggests the presence of this
possibility. The core dimensions of a ScDyPB (PDB: 4GU?7)
dimer in the crystal structure are 6 X 8 X 4 nm®. Assessment of
the structure of ScDyPB using PISA analysis revealed that the
most probable multimeric state of ScDyPB would be a hexamer
(trimer of dimers) with a buried surface area of 23,290 A?
(27.5% of the total surface area of six monomers, Figure 6A).
The hexamer had a diameter of 8 nm X 8 nm X 9 nm (Figure
6A). The maximum particle dimensions D,,,,, and the radius of
gyration R, are 86 and 27 A for the dimer and 99 and 36 A for
the hexamer, respectively, as calculated with GNOM based on
the theoretical solution small-angle X-ray scattering curves
generated with FoXS.°*%* Thus, the ScDyPB population with
the diameter of around 10 nm observed in DLS scans (Figure
SB,C and Table 1) may well correspond to a hexamer.
However, considering the heterogeneity of enzyme populations
revealed in consecutive DLS scans and relatively big differences
between intensity- and volume distribution-based sizes (Table
1), identification of this population as a dimer cannot be
excluded. Since more than 99% of ScDyPB appears in this peak
(Table 1), it is evident that both LDO and HDO forms are
merged to this single peak. Unfortunately, our data do not
enable us to derive the sizes of LDO and HDO forms
separately as we see only an average size of the mixture of
different oligomers (Table 1). All in all, the structural as well as
biophysical analyses (Figure S) suggest that ScDyPB exists as a
mixture of enzyme populations with different degrees of
oligomerization. Our results suggest that lower pH (pH 4.0
compared to pH 7.5) supports the formation of the HDO
form. The most probable candidate for changing its
protonation state upon shifting from pH 7.5 to 4.0 would be
a histidine with a pK, value of 6.0—7.0. Although there is one
His residue (His 137) in the contact area of adjacent ScDyPB
monomers, this residue is not involved in salt bridge formation.
Increased contribution of the HDO form in the presence of 1.0
M ammonium sulfate suggests that hydrophobic interactions
may be involved in the formation of oligomers. An important
assumption of our model was that the heme access channel is
not accessible for the reducing substrates, ABTS and MHQ, in
the HDO form of ScDyPB (Figure 6B). Similar to the
observations made with the oligomerization of other DyPs,""**
the heme access channel in the ScDyPB hexamer is not located
in the subunit interface and seems to be accessible. However, a
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possible blockage of heme access channels upon formation of
oligomers with a higher degree of oligomerization that were
observed in both gel filtration and DLS analyses (Figure S)
cannot be excluded. Further studies are needed to judge the
plausibility of the assumptions underlying the mechanism in
Figure 6B.

The biological role of DyP peroxidases and the nature of
their native reducing substrates are not known. Many DyP
peroxidases are secreted as cargo proteins in the interior of the
shell made from encapsulins.******* As an example, the DyP
of Mycobacterium smegmatis is loaded into the encapsulin shell
as a dodecamer made from two hexamers.”* However, there
are no encapsulin-coding genes in the genome of S. coelicolor,
suggesting that oligomerization of ScDyPB is not related to the
packing into encapsulin nanoparticles. Although the exact
mechanism and biological role remain to be revealed, the
enzyme oligomerization-dependent modulation of the kinetic
properties observed here expands the complexity of the
kinetics of DyP peroxidases but also suggests novel possibilities
for the regulation of their catalytic activity.
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Supplementary figures:
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Figure S1. Effects of pre-incubation time of ScDyPB working stocks before the measurement of the
activity with ABTS. 1.5 uM ScDyPB working stock (supplemented with 0.1 g L' BSA) was prepared in
NaAc pH 4.0 or Tris-HCI pH 7.5, 0.1 M NaCl buffer. 10 uL of this working stock was added to the cuvette
containing 490 uL of 50 mM NaAc pH 4.0 or 5 mM Tris-HCI pH 7.5 (supplemented with 25 mM NaCl)
and the resulting 30 nM ScDyPB was pre-incubated at 25 °C for selected times before activity measurement
with I mM ABTS and 0.1 mM H,0,. Activity measurements were started by adding 0.5 mL of the mixture
of ABTS and H,0, (at appropriate concentrations in 100 mM or 50 mM NaAc pH 4.0 for pre-incubations
at pH 7.5 or pH 4.0, respectively) to the cuvette containing 0.5 mL pre-incubated 30 nM ScDyPB. In one
series the 30 nM ScDyPB was pre-incubated in the presence of 1 mM ABTS or 30 nM H,0, as shown in
the plot. The pH of the 1.5 pM ScDyPB working stock as well as the pH of the pre-incubation mixture is
also indicated in the plot. Data are presented as average values (n = 3, independent experiments) and error
bars show SD.
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Figure S2. Kinetics of the oxidation of ABTS. Dependency of the initial rates of the oxidation of ABTS
on the concentration of (4) ABTS and (B) H,0,. Reactions were made in 50 mM NaAc (pH 4.0) at 25 °C.
Concentration of ScDyPB was 15 nM and the reactions were initiated by the addition of ScDyPB from the
working stock with 1.5 uM ScDyPB in 20 mM Tris pH 7.5 (supplemented with 0.1 g L' BSA and 0.1 M
NaCl). Shown are the same data as in the Figure 3 A and B of the main article but in panel A the data with
H,0, concentrations above 100 uM are omitted for better visual inspection of the substrate inhibition by
ABTS. Solid lines in panel B show non-linear regression of the data according to the Michaelis Menten
equation (equation S1 below). The concentration of the substrate that was constant within the series is
indicated in the plot. The data are presented as the average values (n = 3, independent measurements), and
the error bars show the SD.

v; kckf [H207]

Eo ™ [Hy0q] + Kifh,0,) (S

In equation S1 the kg, and Ky*™P1200) stand for the apparent (i.e depends on [ABTS]) catalytic constant

and Michaelis constant for H,O,, respectively. Following relationships between apparent k., and k.,/Ky; for

H,0, and the concentration of ABTS are expected for the enzyme obeying ping-pong kinetics with substrate

inhibition by ABTS:
keat[ABTS]

app —
ket = [ABTS] + Kumaprs)

(82)

k&b ke Kiasrs) ) 3
Kﬂjﬁ.’zgz)_KM(HZOZ)\Ki(ABTS)+[ABTS] ( )

ke and Kyanoz) in equations S2 and S3 are the true catalytic constant and Michaelis constant for H,O,,
respectively, whereas Kjaprs) stands for the substrate inhibition constant by ABTS.
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Figure S3. Inactivation of ScDyPB by H,0,. 1.5 uM ScDyPB (supplemented with 0.1 g L' BSA) in (4)
50 mM NaAc (pH 4.0) or (B) 20 mM Tris-HCI (pH 7.5) was pre-incubated with different concentrations of
H,0; (as indicated in the figure) at 25 °C. At selected times 10 pL aliquot was withdrawn and added to the
cuvette containing 990 pL of the mixture of 1 mM ABTS and 0.1 mM H,0, and the activity was measured
by the increase in the absorbance at 420 nm. Solid lines show non-linear regression of the data according
to the equation for the first-order reaction (equation S4 below). (C) The dependency of the observed first
order rate constant of inactivation of ScDyPB (k) on the concentration of H,O, in the pre-incubation at
pH 4.0 and pH 7.5 (shown in the plot). The dotted line shows linear regression of the data according to the
equation S5 below. Data are presented as average values (n = 3, independent experiments) and error bars
show SD.

Vi Vi
7= ()

E
% max

et (S4)

In equation S4 the (vi/E¢)max 15 the value of vi/E, at pre-incubation time zero and the &,y is the observed first
order rate constant for the decay of activity during pre-incubation with H,O,. Note that a slight increase in
the value of v/E, in the experiments with high (5 mM) concentration of H,O, in pre-incubation is caused
by the increase in the concentration of H,O, in activity measurements.

keops = ki[HZOZ] +ko (S5)

The k; and k; in equation S5 stand for the second order rate constant of the inactivation by H,O, and first
order rate constant of the inactivation in the absence of added H,0,, respectively.
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Figure S4. Comparison of the fitting of the data of ABTS oxidation according to the equations 1
and 2, and contribution of the enzyme forms E' and E!. The experiment data are the same as those in
Fig. 4A of the main article. Solid lines show the result of the global non-linear regression analysis
according to equation 1 (4) or equation 2 (B) of the main article. Contribution of the two enzyme forms E!
(C) and E" (D) in ABTS oxidizing activity. The activity of enzyme forms was calculated using the
parameter values obtained from the global non-linear regression analysis according to equation 2 and
leftmost and rightmost side of sum in the equation 2 for the form E' and E", respectively.
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Figure S5. Absorbance spectra of ScDyPB. After recording the spectrum of 3.6 uM ScDyPB in 4 mM
Tris-HCI (pH 7.5, supplemented with 20 mM NaCl) in 0.5 mL total volume (designated as pH 7.5 I) the
pH was brought to 4.0 by the addition of 26 pL of 1.0 M NaAc (pH 4.0) and spectra were recorded again
(designated as pH 4.0). Finally, 150 pL of 1.0 M Tris-HCI (pH 7.5) was added and spectra were recorded
(designated as pH 7.5 II). In the case of each condition, the spectra were recorded 1, 3, and 10 min after
changing the condition (as indicated in the plot). Note that in the case of pH 7.5 the spectra recorded at
different times after changing the condition overlap.
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